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Chapter 1: Overview 

 

1.1 General Introduction 

An atom is about 1 Ǻ, or 10
–10

 meters. The study of atoms and molecules is in the 

conventional field of chemistry as was studied in the late 19th and 20th centuries. A 

nanometer (nm), or 10
–9

 meters, represent a collection of a few atoms or molecules. 

Properties of bulk substances of micrometer sizes or larger have been studied for 

years by solid state physicists and material scientists and are currently well 

understood. Materials on the 1–100 nm scale were not studied by either group in the 

past. It was just recently shown that on this size scale the properties of a material 

become dependent on its size and shape. Thus, the nanometer scale incorporates 

collections of atoms or molecules, whose properties are neither those of the individual 

constituents nor those of the bulk. On this scale, many of the atoms are still located on 

the surface, or one layer removed from the surface, as opposed to the interior. New 

properties are observed on this scale because the interface that is not observed in the 

bulk or individual atoms. Since the properties depend on the size of the structure, 

instead of the nature of the material, reliable and continual change can be achieved 

using a single material.
[1,2]

 

The topic of "nano" was touched upon by ―There's Plenty of Room at the 

Bottom‖ a talk given by physicist Richard Feynman at an American Physical Society 

meeting at Caltech on December 29, 1959. Over 50 years ago, Feynman imagined a 

new physical world of ultra-small volumes and highlighted some difficulties that 

researchers might encounter when visiting it. His talk provided a vision for engineers 

and scientists to establish a new field, which-with subsequent developments in novel 

equipment and manufacturing skills-is known as ―nanotechnology‖. 
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Nanotechnology has become one of the most important and exciting forefront 

field in physics, chemistry, engineering, and biology which the characteristic 

dimensions are below ca. 100 nm.
[3,4,5]

 It shows great promise for providing us in the 

near future with many breakthroughs that will change the direction of technological 

advances in a wide range of applications. With nanotechnology, a large set of 

materials and improved products rely on a change in the physical properties when the 

feature sizes are shrunk. The major publications in this area have appeared in the 

Journal of Physical Chemistry B, Journal of the American Chemical Society (JACS) 

and Langmuir. Nano Letters, Nature Nanotechnology and ACS nano have also 

published a large number of letters in this field since its conception in 2001, 2006 and 

2007, respectively. The number of patent applications and symposium articles for the 

Materials Research Society (MRS), the American Chemical Society (ACS), the Royal 

Society Chemistry (RSC), and Advanced Materials (Wiley Publications) also 

represent a large number of the publications every year on noble nanomaterials. 

 

1.2 Nanobiotechnology 

Three main disciplines, in Figure 1.1, including chemistry, materials science and 

biotechnology are presented.
[6]

 Merging these subjects will allow us to take advantage 

of the improved evolutionary biological components to generate new smart materials 

and to apply today’s advanced materials and physicochemical techniques to solve 

biological problems.
[1,2]

 Both biotechnology and materials science meet at the same 

length scale (See Figure 1.2). On the one hand, biomolecular components have typical 

size dimensions in the range of about 5 to 200 nm. On the other hand, commercial 

requirements to produce increasingly miniaturized microelectronic devices strongly 

motivate the elaboration of nanoscale systems. Today’s nanotechnology research puts 
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a great emphasis on the development of bottom-up strategies, which concern the 

self-assembly of (macro) molecular and colloidal building blocks to create larger, 

functional devices.
[7]

 

 
Figure 1.1 Chemistry is the central science for the development of applied disciplines such as materials 

research and biotechnology. Materials science, which is based on classic chemical research fields and 

engineering technologies, has led to enormous advances in tailoring advanced modern materials.[6] 

 

 

Figure 1.2 A gap currently exists in the engineering of small-scale devices. Whereas conventional 

top-down processes hardly allow the production of structures smaller than about 100–200 nm, the 

limits of regular bottom-up processes are in the range of about 2–5 nm.
[6]

 



 

4 

The convergence of biotechnology and nanotechnology has led to the 

development of hybrid nanomaterials that incorporate the highly selective catalytic 

and recognition properties of biomaterials, such as proteins/enzymes and DNA, with 

the unique electronic, photonic, and catalytic features. Novel nanomaterials for use in 

bioassay applications represent a rapidly advancing field. Various nanostructures have 

been investigated to determine their properties and possible applications in 

biotechnology. These structures include nanoparticles (NPs), nanowires, nanotubes, 

and thin films. Functional NPs (electronic, optical and magnetic) bound to biological 

molecules have been developed for use in biosensors to detect and amplify various 

signals.
[8,9,10]

 The interdisciplinary cooperation of various techniques can solve the 

human-related diseases. The conjugation of NPs and other nanoobjects (e.g. nanorods 

and carbon nanotubes) with biomolecules is an attractive area of research within 

nanobiotechnology.
[11,12,13,14]

 Biomolecules are fascinating macromolecular structures 

in terms of their unique recognition, transport, and catalytic properties. The 

conjugation of nanomaterials with biomolecules could provide electronic or optical 

transduction of biological phenomena in the development of novel biosensors.
[15]

 

Enzymes, antigens and antibodies, and biomolecular receptors have dimensions in the 

range of 2–20 nm, similar to those of nanostructures, thus the two classes of materials 

are structurally compatible. 

The size of nanomaterials can be an advantage over a bulk structure, simply 

because a target binding event involving the nanomaterials can have a significant 

effect on its physical and chemical properties. In this regard, the use of nanomaterials 

in biology has a long history as nanoparticles have been used in bioconjugation and as 

cellular labeling agents for the past four decades. However, new synthesis, fabrication, 

and characterization methods for nanomaterials have evolved to the point that 

deliberate modulation of their size, shape, and composition is possible (See Figure 
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1.3), thereby allowing exquisite control of their properties.
[1]

 Additionally, tools and 

techniques for surface modification and patterning have advanced to a point that now 

allows generation of nanoscale arrays of biomacromolecules and small molecules on 

surfaces.
[16,17,18]

 Along with synthetic advances for varying the size, shape, and 

composition of nanostructured materials has come the ability to tailor their binding 

affinities for various biomolecules through surface modification and engineering.
[19,20] 

 

 

Figure 1.3 Sizes, shapes, and compositions of metal nanoparticles can be systematically varied to 

produce novel materials with distinct light-scattering properties.[1] 

 

1.3 Applications of Nanoparticles in Biology 

In the last few years, NPs has received much attention.
[5,21]

 Nanometer (nm)-sized 

particles have attracted a great deal of attention due to their fascinating properties and 

potential applications in nanotechnology and biotechnology. NPs, i.e. particles with 

structures approximately 1–100 nm in size, have significant impact in many scientific 

fields, including chemistry, material sciences, biology, medicine, and electronics (See 
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Figure 1.4).
[6,22]

 They provide a particularly useful platform, demonstrating unique 

properties with potentially wide-ranging therapeutic applications.
[15,23] 

The physical, 

material, and chemical properties of NPs are directly related to their intrinsic 

compositions, apparent sizes, and extrinsic surface structures;
[24,25]

 therefore, the 

design, synthesis, characterization, and applications of nanostructures are critical 

aspects for the emerging field of nanomaterials.
 
One of the hottest areas for NPs use is 

in biological systems, owing to their potential application in medicine. Since 

structures can be accurately designed on the nanometer scale they can be incorporated 

into biological systems, due to the similar size scales.
[21]

 Biological systems are 

complex, with synthesis, structure, and function all rarely understood in detail. The 

ability to rationally design structures on the same size as biological molecules 

generates the ability to probe and modify biological systems. Furthermore, biological 

systems are used to build up nanomaterials of specific shape and function. 

Nanostructures are being used as drug delivery agents, labeling agents, sensors, and to 

enhance electromagnetic fields. The field of nanotechnology has received increasing 

attention over the last 20 years, and the number of publications of NPs has grown 

exponentially.
 
The field of NPs in biology is certainly a burgeoning one, with the 

estimated number of papers in the area (based on Web of Science) rising from 11 in 

1991 to over 10000 in 2010. This increase in the available NPs generates an increase 

in the number of applications, driving the potential for great advances in everyday life 

due to nanobiotechnology.
[26]
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Figure 1.4 Chemistry is the central science for the development of applied disciplines such as materials 

research and biotechnology. Nanoparticles, which is based on classic chemical research fields and 

engineering technologies, has led to enormous advances in tailoring advanced nanobiotechnology. 

 

Because of several fundamental features,
[1]

 biomaterials are important future 

building blocks for NP architectures: 1) Biomaterials display specific and strong 

complementary recognition interactions, for example, antigen–antibody, nucleic 

acid–DNA, and hormone–receptor interactions. The functionalization of NPs with 

biomolecules could lead to biomolecule–nanoparticle recognition interactions and 

thus to self-assembly. 2) Various biomolecules contain several binding sites, for 

example, antibodies exhibit two Fab (antigen-binding fragment) sites, whereas 

streptavidin or concanavalin A each display four binding domains. This allows the 

multidirectional growth of NP structures. 3) Proteins may be genetically engineered 

and modified with specific anchoring groups. This facilitates their aligned binding to 

NPs or the site-specific linkage of the biomaterial to surfaces. Consequently, the 
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directional growth of NP structures may be dictated. Furthermore, other biomaterials, 

such as double-stranded DNA, may be synthetically prepared in complexrigidified 

structures that act as templates for the assembly of nanoparticles by intercalation, 

electrostatic binding to phosphate groups, or association to functionalities tethered to 

the DNA. 4) Enzymes are catalytic tools for the manipulation of biomaterials. For 

example, the ligation or the endonuclease scission processes of nucleic acids provide 

effective tools for controlling the shape and structure of biomolecule–NP hybrid 

systems. In this context, it is important to note that Mother Nature has developed 

unique biocatalytic replication processes. The use of biocatalysts for the replication of 

biomolecule–NP conjugates may provide an effective system for the formation of 

nanostructures of predesigned shapes and compositions.
[22,24]

 

NPs possess several distinctive physical and chemical attributes that make them 

promising synthetic scaffold for the creation of novel chemical and biological systems. 

The unique properties and utility of NPs arise from a variety of attributes, including 

the similar size of NPs and biomolecules such as proteins and polynucleic acids. 

Additionally, NPs can be fashioned with a wide range of metal and semiconductor 

core materials that impart useful properties such as fluorescence and magnetic 

behavior.
[ 27 , 28 ] 

The use of biocatalysts for the replication of biomolecule–NP 

conjugates may provide an effective system for the formation of nanostructures of 

predesigned shapes and compositions. These properties of NPs have been harnessed 

by a number of groups to provide effective binding of proteins and DNA along with a 

control over structure and function.
[26,29]

 The current studies featuring the interactions 

of NPs with biological molecules can provide a stepping stone to a host of biomedical 

applications. The applicable properties of some well-known core materials and 

corresponding possible ligands used for surface functionalization with their possible 

applications are summarized in Table 1.1. 
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Table 1.1 Characteristics, ligands and representative applications for various metal and semiconductor 

materials 

Core

material

 Characteristics Ligand(s)  Applications

Au
Optical absorption, fluorescence

and fluorescence quenching,

stability

Thiol, disulfide, phosphine,

amine

Biomolecular recognition, delivery,

catalysis, sensing

Ag Surface-enhanced fluorescence Thiol Sensing

Pt Catalytic property Thiol, phosphine, amine,

isocyanide
Bio-catalyst, sensing

CdSe Luminescence, photostability Thiol, phosphine, pyridine Imaging, sensing

Fe2O3 Magnetic property Diol, dopamine derivative, amine MRI and biomolecule purification

SiO2 Biocompatibility Alkoxysilane Biocompatible by surface coating

 

NPs are attracting substantial interest in the rapidly developing area of 

nanobiotechnology.
[ 30 , 31 ] 

Biomolecule-functionalized NPs could be exploited for 

numerous applications in biomolecular electronics,
[ 32 , 33 ]

 biosensors,
[15, 34 , 35 ]

 

immunoassays,
[26,36]

 and medicine,
[5,37]

 namely in photodynamic anticancer therapy, 

targeted delivery of radioisotopes, drug delivery, electronic DNA sequencing, 

nanotechnology of gene-delivery systems, and gene therapy in Figure 1.5.
[24,38]

 Novel 

fascinating areas of technologies are feasible with the use of bionanomaterials. A 

combination of the unique properties of nanoobjects and biomaterials provides a 

unique opportunity for physicists, chemists, biologists, and material scientists to mold 

the new area of nanobiotechnology.
[25,39]

 Based on recent advances in the field, 

exciting new science and novel systems can be anticipated from this interdisciplinary 

effort. Future advances will require continued innovations by nanotechnology in close 

collaboration with experts in medical and biological fields. 
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Figure 1.5 Integrated nanoparticle–biomolecule hybrid systems.[24] 

 

1.4 Nanoparticle–Biomolecule Interactions 

Biomolecule surface recognition by NPs as artificial receptors provides a potential 

tool for controlling cellular and extracellular processes for numerous biological 

applications such as transcription regulation, enzymatic inhibition, delivery, and 

sensing.
[1,5,26]

 The size of nanoparticle cores can be tuned from 1.5 nm to more than 

10 nm depending on the core material, providing a suitable platform for the 

interaction of NPs with proteins and other biomolecules.
[40]

 The conjugation of NPs 

with proteins/enzymes can be done by using two different approaches, direct covalent 

linkage and non-covalent interactions between the particle and biomolecules.
[6]

 The 

most direct approach to the creation of integrated biomolecule–NP conjugates is 

through covalent attachment. This conjugation can be achieved either through 

chemisorptions of the biomolecule to the particle surface or through the use of 
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heterobifunctional linkers. Chemisorption of proteins onto the surface of NPs (usually 

containing a core of Au, ZnS, CdS, and CdSe/ZnS) can be done through cysteine 

residues that are present in the protein surface (See Table 1.2).
[27,41]

 By using the 

heterobifunctional linkers, biomolecules are often covalently linked to ligands on the 

NP surface via traditional coupling strategies such as carbodiimide-mediated 

amidation and esterification. 

 

Table 1.2 Strategies for labeling a specific residue that involve direct linkage to the NP core 

Labeled residue–NP material Examples of labeled protein Molecular weight 

Cys–Au Cytochrome c  12.6 kDa  

 
Ribonuclease S   13.7 kDa 

 
70 s ribosome    2.5 MDa 

 
Single chain Fv antibody    25 kDa 

 
Chaperonin    60 kDa 

Cys–CdSe/ZnS Human serum albumin    67 kDa  

 
α-chymotrypsin   21.6 kDa 

 
Chaperonin    60 kDa 

 

Interactions between biomolecules form the basis for a number of cellular 

processes such as protein–protein interactions, protein–nucleic acid interactions, 

enzyme activity, and cell surface recognition.
[41]

 Modulation of these interactions 

through creation of efficient receptors designed to recognize biomolecules such as 

proteins and nucleic acids paves the way for alternative approaches to therapeutic 

agents, as well as diagnostic biosensors for rapid monitoring of imbalances and 

illnesses.
[ 42 ]

 The regulation of the protein activity plays an important role in 

modulating cellular processes such as signal transduction, DNA replication, and 

metabolism. Protein dysfunction is related to human diseases and disorders, and the 

ability to regulate enzyme functions and protein–protein interactions provides a 

promising strategy for therapy.
[26]

 NPs have some advantages over small organic 
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molecules. First, NPs have large specific surface areas for adequate protein binding 

and biological interactions. Second, NP can enter cells easily, in contrast to some 

small molecules and biological molecules. Third, there has been considerable progress 

in the synthesis of NPs with well controlled dimensions, geometry, and surface 

properties, to complement the structural complexity of proteins. Recent developments 

in nano materials offer a new pathway for controlling protein behavior through 

surface interactions. The field of NP labeling of proteins is relatively new and rapidly 

developing. 

 

1.5 Surface Interaction of Biomolecules with Gold 

Nanoparticles 

NPs of various dimensions, compositions, and surface modifications have been 

studied on their interactions with biomolecules.
[41,43]

 The main challenge often lies in 

understanding the interface between biological and non-biological materials on the 

nano-scale. The development of new tools for the controlled manipulation of such 

materials is clearly of great importance.
[13,14]

 Recently, some research efforts have 

been conducted to investigate the effects of gold NPs (AuNPs) on the modulation of 

enzyme activity through surface interactions.
[26] 

Although gold is the subject of one of 

the most ancient themes of investigation in science, its renaissance now leads to an 

exponentially increasing number of publications, especially in the context of emerging 

nanoscience and nanotechnology with NPs.
[42,44]

 AuNPs also called gold colloids, and 

they present fascinating aspects such as their assembly of multiple types involving 

materials science, the behavior of the individual particles, size-related electronic, 

magnetic and optical properties (quantum size effect), and their applications to 

catalysis and biology (See Table 1.1).
[5,14,29]
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For further developing AuNPs-based assays, attaching the molecular recognition 

motifs of interest to the NPs has to be readily achieved, and, most importantly, the 

functional AuNPs (AuNP probes) should not cross-talk with each other or with 

anything else present in the system under investigation. Stabilization and 

functionalization of AuNP probes has been extensively studies.
[45,46,47] 

To improve the 

selectivity and accuracy, various stabilizer/ligands and modified methods have been 

developed to enhance the stability and dispersity of AuNPs because keeping 

monodispersity of AuNPs in the reaction medium is the key issue in biological 

applications. Electrostatic interaction, covalent coupling (Au−S covalent etc.), and 

specific recognition (antibody−antigen, biotin−avidin, DNA hybridization etc.) are 

three kinds of widely used methods for the synthesis of AuNP probes to meet the 

application requirements (See Figure 1.6).
[6]

 Electrostatic interaction or physical 

adsorption immobilization of ligands for AuNP probes is a simple process with the 

benefits of time saving and reduced complexity of ligand preparation.
[45]

 However, the 

binding is not strong enough to yield stable surfaces capable of withstanding the 

necessary washing steps and incubation conditions in biological studies on subsequent 

reaction. Thiol chemistry has been widely used for the modification on gold surfaces, 

the functionality of thiolate-modified AuNPs (Au−S covalent coupling) in vivo is 

limited to only a few days because of the limited oxidative stability of thiolate 

species,
[48,49]

 as well as exchange reactions with thiolated compounds inside the body. 

Thiolate-modified surfaces are also damaged by exposure to light, high temperature 

and oxygen.
[ 50 ]

 The stability of thiol–Au bond is not sufficiently long-lasting, 

especially in vivo. 
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Figure 1.6 Schematic representation of the formation of gold nanoparticle probes.[6] 

 

AuNPs have some advantages for the immobilization of biomolecules. First, 

AuNPs have large specific surface areas for adequate biomolecules binding and 

biological interactions. Second, there has been considerable progress in the synthesis 

of AuNPs with well controlled dimensions, geometry, and surface properties, to 

complement the structural complexity of proteins. Third, AuNPs have a highly 

promising and reliable utilization due to their high surface-to-volume ratio, long-term 

stability, easy synthesis, and favorable chemical modification.
[44]

 In the past few years, 

AuNPs have been widely investigated to understand their interactions with proteins. 

The hydrophobic interaction, – stacking and electrostatic interaction have been 

attributed to be major mechanisms of biomolecule–AuNP interactions.
[26,41,51]
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Chapter 2: Literatures Review 

 

2.1 General Introduction: Applications of AuNPs in 

Nanobiotechnology 

Colloidal gold was used to make ruby glass and for coloring ceramics and these 

applications are still continuing now. It is ruby red in transmitted light and green in 

reflected light, due to the presence of gold colloids. In the 20th century, various 

methods for the preparation of gold colloids were reported.
[52,53,54]

 In the past decade, 

gold colloids have been the subject of a considerably increased number of books and 

reviews.
[55,56,57,58]

 Gold nanoparticles (AuNPs), which have been known for 2500 

years, are the subject of an exponentially increasing number of reports and biomedical 

applications in the 21st century, using the ―bottom-up‖ approach with the hybrid 

organic-inorganic and biological-inorganic building blocks derived wherefrom. They 

are gradually attracting a great deal of attention for their use in technologies, 

including catalysis, optical material, electronic device, biosensor, drug carrier, and 

high contrast cell image.
[42,44,59]

 AuNPs have widely been used in nanotechnology due 

to size-dependent electrical property, high electrocatalytic activity, and functional 

compatibility with molecules and polymers. They are the most stable metal NPs, 

which have high affinity for biomolecules, have been used as biosensors,
[15,60 ]

 

immunoassays
[26,36]

 and vectors for drug delivery;
[5,61]

 thus, the conjugation of AuNPs 

and biomolecules has become a major area of research for advancing the use of 

nanotechnology in biomedical applications.
[46, 62 , 63 ]

 Recently, there are many 

applications that were combined with biomolecules and AuNPs. In the following 

section, we will review some important literatures in the field of nanobiotechnology 

with AuNPs. 
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2.1.1 Oligonucleotide-Modified AuNPs 

AuNPs exhibits unique optical and electronic properties based on size and shape.
[25]

 

Spherical AuNPs show an intense absorption peak from 500 to 550 nm
[64] 

arising from 

surface plasmon resonance (SPR). The SPR band is sensitive to the surrounding 

environment, signaling changes in solvent and binding. A particularly useful output is 

the red-shift (to ca. 650 nm) and broadening of the plasmon band due to the NP 

aggregation.
[2] 

This phenomenon leads to the popular and widely applicable 

colorimetric sensing. 

An early indication of the potential of nanomaterials as biodetection agents was 

reported in 1996 by Mirkin’s group
[65 ]

 (Prof. Chad A. Mirkin, Department of 

Chemistry and International Institute for Nanotechnology, Northwestern University) 

with the observation that oligonucleotide-modified nanoparticles and 

sequence-specific particle assembly events, induced by target DNA, could be used to 

generate materials with unusual optical and melting properties. Specifically, when 

13-nm gold particles were used in the assay, the color of the solution changed from 

red to blue upon the analyte-directed aggregation of gold nanoparticles, a 

consequence of interacting particle surface plasmons and aggregate scattering 

properties. Further studies indicated that the melting profiles of the 

nanoparticle-labeled DNA aggregates were extraordinarily sharp, occurring over a 

temperature range much narrower than the transition for unlabeled or conventional 

fluorophore-labeled DNA (See Figure 2.1). These two observations, both 

consequences of the high surface area and unique optical activity of the AuNPs, 

created worldwide interest in exploring the potential for designer nanomaterials in 

biodiagnostic applications. 
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Figure 2.1 In the presence of complementary target DNA, oligonucleotide-functionalized gold 

nanoparticles will aggregate (A), resulting in a change of solution color from red to blue (B). The 

aggregation process can be monitored using UV–Vis spectroscopy or simply by spotting the solution on 

a silica support (C).[65] 

 

After discovering this property, Mirkin’s group have also quantitatively 

determined and compared the thermodynamic values of oligonucleotide 

functionalized AuNP probes and molecular fluorophore probes of the same sequence. 

Between 2000 to 2005,
[66,67,68]

 they report a series of experiments and a theoretical 

model designed to systematically define and evaluate the relative importance of 

nanoparticle, oligonucleotide, and environmental variables that contribute to the 

observed sharp melting transitions associated with DNA-linked nanoparticle 

structures. These variables include the size of the NPs, the surface density of the 

oligonucleotides on the NPs, the dielectric constant of the surrounding medium, target 

concentration, and the position of the NPs with respect to one another within the 

aggregate (See Table 2.1 & 2.2).  

 

 



 

18 

Table 2.1 Melting temperatures and enthalpies for different sized nanoparticles in the solution 

aggregate system[67] 

 
 

 

 

 

 

Table 2.2 Melting temperatures and enthalpies for different surface densities of probe oligonucleotides 

on the nanoparticles in the solution aggregate system[67] 

 

 

 

 

 

 

The modification of oligonucleotides onto the surfaces of AuNPs has attracted 

great interest because of the potential to employ the programmability of DNA 

base-pairing to organize nanocrystals in space, providing many approaches for the 

applications in biological system. The oligonucleotide-mediated AuNPs have been 

extensively used for the development of drug delivery and gene therapy. In 2006, 

Mirkin et al. describe the use of AuNP–oligonucleotide complexes as intracellular 

gene regulation agents for the control of protein expression in cells (Figure 2.2).
[61]

 

These oligonucleotide-modified NPs have affinity constants for complementary 

nucleic acids that are higher than their unmodified oligonucleotide counterparts, are 

less susceptible to degradation by nuclease activity, exhibit greater than 99% cellular 

uptake, can introduce oligonucleotides at a higher effective concentration than 

conventional transfection agents, and are nontoxic to the cells under the conditions 

studied. By chemically tailoring the density of DNA bound to the surface of AuNPs, 

they demonstrated a tunable gene knockdown (Figure 2.3), thus opening the door for 

new possibilities in the study of gene function and nanotherapies. 

particle 

diameter (nm) 

Tm               

(
o
C) 

△HICT                   

(kcal/mol) 

13 50.0  275.8  

31 49.0  473.8  

50 48.5  706.8  

surface density of 

probe oligonucleotides 

Tm               

(
o
C) 

△HICT                   

(kcal/mol) 

33% 51.3  326.0  

50% 52.5  415.0  

100% 54.5  503.9  
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Figure 2.2 The diagram of using of AuNP–oligonucleotide complexes as intracellular gene regulation 

agents for the control of protein expression in cells. 

 

 

Figure 2.3 Confocal fluorescence microscopy images showing EGFP knockdown. (A) Untreated 

control cells (upper left, Cy5.5 emission, 706 to 717 nm; upper right, EGFP emission, 500 to 550 nm; 

lower left, transmission image of cells; lower right, composite overlay of all three channels) showed a 

significant amount of emission throughout the cell. (B) 1 mm sectioning images of control cells. (C and 

D) Cells treated with antisense particles showed a decrease in the amount of EGFP emission.
[61] 
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In the following years, Mirkin’s group has described a new class of intracellular 

probe termed nano-flares based on AuNP−oligonucleotide complexes.
[ 69 , 70 ] 

Nano-flares take advantage of the highly efficient fluorescence quenching properties 

of gold, cellular uptake of oligonucleotide NP conjugates without the use of 

transfection agents, and the enzymatic stability of such conjugates, thus overcoming 

many of the challenges to creating sensitive and effective intracellular probes. 

In 2007,
[69]

 the same group reported the design of nano-flares using 13 nm 

AuNPs since size particle is an efficient quencher, can be densely functionalized with 

oligonucleotides, and does not efficiently scatter visible light, which is important for 

designing optical probes with minimal interference. AuNPs were functionalized with 

thiolated oligonucleotides containing an 18-base recognition element to a specific 

RNA transcript sequence (See Figure 2.4c) via gold−thiol bond formation. 

Oligonucleotide-functionalized AuNPs were then allowed to hybridize with short 

cyanine (Cy5) dye-terminated reporter sequences capable of acting as ―flares‖ when 

displaced by a longer target or target region (Figure 2.4a). In the bound state, the Cy5 

fluorescence of the reporter strand is quenched due to proximity to the AuNP surface. 

In the presence of a target, the flare strand is displaced and liberated from the AuNP 

by forming the longer and more stable duplex between the target and the 

oligonucleotide-modified AuNP. Testing the nano-flare design using synthetic 

complementary targets demonstrates that the probes respond with a 3.8-fold increase 

in fluorescence signal upon target recognition and binding (Figure 2.4b). In contrast, 

the signal does not change in the presence of a noncomplementary target and is of 

comparable magnitude to background fluorescence. These results thus demonstrate 

that nano-flares are efficient at signaling the presence of a specific target. 
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Figure 2.4 (a) Nanoparticles functionalized with a recognition sequenceare hybridized with a short 

complementary Cy5 labeled reporter strand, which is capable of being displaced by the target. (b) 

Fluorescence spectra of nano-flares alone (green), in the presence of target (red), and in the presence of 

noncomplementary sequence (blue). (c) Oligonucleotide sequences.[69] 

 

In 2009,
[70]

 based on the similar approach of nano-flares, the same group design a 

biosensor in the detection of adenosine triphosphate (ATP) and evaluate the ability to 

quantify the intracellular concentration of this target molecule. As illustrated 

schematically in Figure 2.5, nano-flares are designed so that the flare oligonucleotide 

binds to the aptamer that is attached to the surface of the AuNP. In the bound state, the 

fluorescence of the flare strand is quenched by the AuNPs. In the presence of the ATP 

target molecules, ATP binds to the aptamer causing a conformational change and 

resulting in a new folded secondary structure. This folded structure disrupts the 

Watson–Crick base-pairing between the aptamer and the flare, which causes flares to 

be liberated with an increase in fluorescence due to the greater distance of the flare 

from the gold surface. 
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Figure 2.5 Aptamer nano-flares are gold nanoparticles functionalized with thiol-terminated aptamer 

sequences hybridized to a short complementary Cy5-labeled reporter strand. The reporter is capable of 

being displaced by a conformation change in the aptamer that is induced by the target molecule.[70] 

 

In this new class of intracellular probe based on oligonucleotide-modified AuNPs, 

nano-flares are novel and potentially very useful since they are the only probe that 

combines cellular transfection, enzymatic protection, and RNA detection and 

quantification. Nano-flares will be of utility in other areas such as cell sorting, gene 

profiling, and real-time drug validation studies. Given the ability of these materials to 

also act as gene regulation agents, these probes may be easily adapted to 

simultaneously transfect, control, and visualize gene expression in real time. 

 

2.1.2 Enzyme-Modified AuNPs 

Enzymes, a class of proteins that exhibit high efficiency and specificity for catalyzing 

a myriad of reactions in complex cellular fluids, can be used to modify NP conjugates 

providing tools to detect enzyme activity, release drugs or control the formation of NP 

assemblies.
[43,51]

 Pioneering work by Rotello’s group (Prof. Vincent M. Rotello, 

Department of Chemistry, University of Massachusetts) has shown how the activity 

and substrate specificity of an AuNP–bound enzyme can be modulated by tuning the 

nanoparticle physicochemical properties.
[26,41]

 In 2002,
[71]

 Rotello et al. reported the 

mixed monolayer protected gold clusters (MMPCs) provide an effective scaffold for 
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biomolecular binding. MMPCs were synthesized using the Brust reduction and 

Murray place-displacement reaction to fabricate additional functionalized thiols ended 

with carboxylate groups and amino groups, respectively (MMPCs 1, 2, and 3 in 

Figure 2.6c featuring a 2-nm gold core, with an overall diameter of 6 nm as shown in 

Figure 2.6b). These NPs exhibited different effects on -chymotrypsin (ChT) activity. 

The cationic MMPC 3 had no inhibition, while the anionic MMPC 1 and 2 were 

effective inhibitors of ChT because of the electrostatic complementarity between the 

carboxylate end groups and the hole of cationic residues (blue) located around the 

periphery of the active site, as shown in Figure 2.6a. 

 

 
Figure 2.6 (a) Space-filling model of ChT. Surface binding of the proteins by anionic MMPCs focuses 

on the ring of cationic residues situated around the active site, functionally significant residues are 

noted. (b) Relative sizes of ChT and MMPC 1. (c) Anionic MMPCs 1 and 2 and cationic control 3.[71] 

. 

The inhibition displayed a two-step process featuring a fast reversible step due to 

complementary electrostatic binding followed by a slower irreversible process 

resulting in ChT denaturation on the nanoparticle surface. The binding ratio of the 

nanoparticle with the enzyme was found to be 1:5, which indicated a complete 
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saturation of the MMPC surface with the protein, given their relative surface areas. 

Circular dichroism (CD) measurements of the complex demonstrated an almost 

complete denaturation of the enzyme over time. Dynamic light scattering (DLS) 

studies confirmed that inhibition proceeded without substantial MMPC aggregation. 

The electrostatic nature of the engineered interactions provides a level of selectivity as 

elastase, -galactosidase and cellular retinoic acid-binding protein displayed no 

significant interaction with MMPC. 

In the following year (2003), Rotello et al. found that the ―irreversible‖ 

inhibition of ChT can be reversed through modification of the anionic MMPC surface 

by the addition of cationic surfactants.
[ 72 ]

 Four derivatives of 

trimethylamine-functionalized surfactants were used to modify the AuNPs with 

carboxylate groups (4, 5, 6, and 7 in Figure 2.7c, featuring a 2-nm gold core, with an 

overall diameter of 6 nm). Up to 50% of original ChT activity was rescued upon 

long-chain surfactant addition. DLS studies demonstrated that ChT released from the 

nanoparticle surface and the conformation characterization of the rescued ChT by 

fluorescence and fluorescence anisotropy indicated that ChT regained a high degree of 

native structure upon surfactant addition. The proposed mechanism of the ChT release: 

the MMPC 5 and MMPC 6 can elicit ChT release by interaction or partial 

displacement of the anionic monolayer. The MMPC 4, a bilayer-type structure, can 

release ChT when it envelops the MMPC surface, as shown schematically in Figure 

2.8. The non-covalent nature of the irreversible inhibition of ChT shows that the 

attenuation of the interactions the MMPC and protein could provide a means of 

enzyme activity modulation. 
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Figure 2.7 (a) Space-filling model of ChT. Active site (yellow) is surrounded by a ring of cationic 

residues (blue). (b) Amphiphilic MMPCs with anionic functional groups (carboxylate groups; red) in 

their terminals can interact with ChT via electrostatic complementarity. (c) Four derivatives of 

trimethylamine-functionalized surfactant used for surface modification of MMPC anionic monolayer. 

(d) Monolayer composition of AuCOOH as an effective inhibitor of ChT activity.[72] 

 

 
Figure 2.8 Proposed mechanism of ChT rescue. The surfactants with thiol MMPC 5 and alcohol 

MMPC 6 at their terminals have the ability to elict ChT release by interaction or partial displacement of 

the anionic monolayer. C11 alkane MMPC 4 forms a bilayer-like structure, causing release of the ChT 

(red = anionic; blue = cationic).
[72]
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 In further investigations, Rotello’s group have also studied the enzymatic kinetics 

of ChT upon binding to amino-acid-functionalized AuNPs toward different substrates 

and demonstrated that the complex formation provides a powerful tool to tune the 

enzyme specificity (JACS 2006).
[73]

 As illustrated schematically in Figure 2.9, the 

association of ChT with anionic nanoparticles leads to the increase of specificity to 

the positively charged substrate and the decrease of specificity to the negatively 

charged substrate. Such enhanced substrate selectivity originates from the electrostatic 

interaction as well as the steric repulsion of the substrates with the NPs monolayer. 

This activity assay indicated that monolayer-functionalized NPs provide a potent 

scaffold for creation of an enzyme modulator based on surface recognition. 

 

 

Figure 2.9 (a) Molecular structure of α-chymotrypsin (ChT). (b) Chemical structure of 

amino-acid-functionalized gold nanoparticles and substrates. (c) Schematic representation of 

monolayer-controlled diffusion of the substrate into and the product away from the active pocket of 

nanoparticles-bound ChT.
[73]
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In the following year (2007),
[74]

 this group has also successfully designed a 

system whereby functionalized AuNPs promote the association and ligation of peptide 

fragments (E1 and E2). The Figure 2.10 demonstrated a clear increase in the rate of 

production with addition of cationic AuNPs as compared to the control reaction with 

no AuNPs. Increasing the amount of AuNPs induced a faster production rate, thereby 

demonstrating the ability of the cationic AuNPs to act as a template for ligation. 

 

 
Figure 2.10 a) The design of functionalized, cationic AuNPs as a template for peptide ligation. b) 

Helicity of E1E2, E1, and E2 with added cationic AuNPs. c) Initial rate of E1E2 versus the 

concentration of AuNPs.
[74]

 

 

 

2.1.3 Effect of Nanoparticle Size on Enzyme Activity 

The size of NPs is also one of the key parameters that influence the interaction 

between protein and NPs. Dordick et al. performed a systematic study in which they 

investigate the structure of lysozyme adsorbed onto NPs that range in diameter from 4 

nm to 100 nm.
[75]

 Both structure and activity of the lysozyme are measured, by 
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circular dichroism (CD) spectroscopy and colorimetric activity assays, respectively. 

The particle size is found to strongly influence the protein–particle interactions and 

consequently the protein behavior. The lysozyme retains its structure when on the 

smaller NPs, and denaturation increases with increasing particle size. In addition, 

activity is highest on the smallest particles and lowest on the largest particles. These 

results indicate that the size of the NP, perhaps because of the contributions of surface 

curvature, influences adsorbed protein structure and function (Figure 2.11). 

 

 
Figure 2.11 Schematic of lysozyme adsorption on nanoparticles with different sizes. Stronger protein 

particle interactions exist in the case of larger nanoparticles, resulting in more protein unfolding and 

less enzymatic activity.[75] 

 

In 2010,
[76]

 Das et al. reported the same phenomenon when lipase was absorbed 

onto AuNP surfaces with different sizes. Activity analyses showed that the improved 

activity because of enhancement in the substrate selectivity and increased flexibility in 

the enzyme conformation. The extent of the activation is greater in the case of the 

larger-sized AuNPs. A correlation has been established between the activity of lipase 

and its secondary structure by using CD and FTIR spectroscopic analysis. Therefore, 

NP size is most likely a general effect, which is probably present in conjugates for 

proteins on NPs. These studies demonstrate that NP size can be used to modulate 

protein activity, which can form the basis of a number of biological applications. 
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2.1.4 Summary 

Gold nanoparticles present a versatile scaffold for recognition of biomolecular 

surfaces. The NP size can be tuned for optimally scaled systems for biomolecules, 

their surfaces can undergo divergent functionalization and importantly, the 

nanoparticle surface can be templated to the guest surface providing an 

environmentally responsive receptor for biomolecules. The surface and core 

properties of these systems can be engineered for individual and multimodal 

applications, including biomolecular recognition and biosensing as discussed in this 

section. These properties of AuNPs have been harnessed by a number of groups to 

provide effective binding of proteins and DNA along with a control over structure and 

function. The current studies featuring the interactions of nanoparticles with 

biological molecules can provide a stepping stone to a host of biomedical 

applications. 

AuNPs present a highly attractive platform for a diverse array of biological 

applications. The ability of functionalized NPs in mediating biomolecular recognition 

can be extended to development of novel hybrid materials composed of enzymes and 

NPs. The interaction between them is governed by the key properties of NPs, such as 

structure, size, surface chemistry, charge and surface shape. NPs can be selected to 

specifically bind enzymes and control their functions after surface modifications. 

Such NP–enzyme interactions can be fine-tuned to the regulation of enzyme activity 

provides a potent means to gain control over cellular processes such as signal 

transduction, DNA replication and metabolism in biological system. 
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2.2 Lipases 

Lipases are used industrially as detergent enzymes, in paper and food technology, in 

the preparation of specialty fats, and as biocatalysts for the synthesis of organic 

intermediates, and in various clinical studies and drug delivery.
[77,78,79]

 The kinetic 

model of lipases is based on the so-called ping–pong mechanism, which also applies 

to many other enzymes, such as glucose oxidase, horseradish peroxidase, and alkaline 

phosphatase. As a representative esterase, lipase is an excellent model for studying the 

enhanced activity of AuNP-bound enzymes because of its well-defined structure, 

properties, and applications. In this section, we will review some literatures to 

introduce lipases with the applications in the biocatalysts, structure, and reaction 

mechanism. 

 

2.2.1 Interfacial Enzymes with Attractive Applications 

Lipids are key elements in the chemistry of life. Most organisms use the 

supramolecular chemistry inherent to phospholipids to form their exterior and 

compartmental membranes. Many plants and animals store chemical energy in the 

form of triglycerides, which are sparingly soluble in water. For the metabolic turnover 

of these and other biochemicals, they produce esterases, enzymes which can 

hydrolyze bonds of water-soluble esters. Esterases which can hydrolyze triglycerides 

at the water/oil boundary are termed lipases and those which attack phospholipids are 

termed phospholipases.
[77]

 Both types of enzymes have recently received considerable 

attention. Whereas phospholipases are involved in key metabolic events such as 

membrane turnover and signal transduction, lipases have diverse functions in the 

degradation of food and fat; they have qualified as valuable drugs against digestive 

disorders and diseases of the pancreas. They also find applications in biotechnology 
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and as catalysts for the manufacture of specialty chemicals and for organic synthesis. 

Furthermore, lipases play an important physiological role in the digestion of fat by 

mammals and humans, and lipase inhibitors may have a potential as antiobesity drugs. 

 

2.2.2 Structure and Reaction Mechanism of Esterase 

The protein structure underlying these observations remained a mystery until a few 

years ago. Only in 1990 were the first two lipase structures solved by X-ray 

crystallography. They revealed a unique mechanism, unlike that of any other enzyme: 

Their three-dimensional structures suggested that interfacial activation might be due 

to the presence of an amphiphilic peptide loop covering the active site of the enzyme 

in solution, just like a lid or flap.
[80,81]

 From the X-ray structure of cocrystals between 

lipases and substrate analogues, there is strong indirect evidence that, when contact 

occurs with a lipid/water interface,
[ 82 ]

 this lid undergoes a conformational 

rearrangement which renders the active site accessible to the substrate (Figure 2.12).
 

 

 
Figure 2.12 Structure of lipase in closed (A, C) and open form (B, D). A and B (side view): the 

catalytic triad (yellow) and secondary structure elements showing the /-hydrolase fold common to 

all lipases. Upon opening of the lid, the catalytic triad (yellow) becomes accessible (D).
[77]
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All lipases whose structure has hitherto been elucidated are members of the 

―/-hydrolase fold‖ family with a common architecture composed of a specific 

sequence of  helices and  strands.
[83,84]

 They hydrolyze ester bonds by means of a 

―catalytic triad‖, composed of a nucleophilic serine residue activated by a hydrogen 

bond in relay with histidine and aspartate or glutamate (Figure 2.13). 

 

 
Figure 2.13 Catalytic mechanism of lipases based on a ―catalytic triad‖ of serine (nucleophile), 

histidine, and aspartate or glutamate.[77] 

 

As pointed out already, a unique structural feature common to most lipases is a 

lid or flap composed of an amphiphili  helix peptide sequence, which in its closed 

conformation prevents access of the substrate to the catalytic triad. After the lid has 

opened, a large hydrophobic surface is created to which the hydrophobic 

supersubstrate binds. This presumed mechanism is supported by the X-ray structures 

of lipases covalently complexed with hydrophobic inhibitors such as alkyl 

phosphonates, cycloalkyl phosphonates, or alkyl sulfonates.
[85]
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Chapter 3: Experiments 

 

3.1 General Introduction 

All the experiments were preceded at National Chiao Tung University (NCTU). All 

the equipments were also conducted in our laboratories at NCTU. The reagents were 

purchased commercially and used by following with the directions unless specially 

mentioned. These reagents were listed alphabetically in the form of ―Name 

{abbreviation; chemical formula; purity; manufacturer}‖. Some information will be 

omitted if not available or not necessary. The following text will use the abbreviation 

of the reagents. 

3.1.1 General Chemicals 

Deionized and distilled water {DI water, ddH2O} 

The water we used was purified with filters, reverse osmosis, and deionized system 

until the resistance was more than 18 MΩ·cm. DI water was used to clean, wash, and 

be a solvent. 

Hydrogen chloride {HCl; ≥99% purity; Sigma} 

1 M hydrogen chloride (HCl) in DI water was used for pH adjustment. 

Sodium hydroxide {NaOH; 95%; Showa} 

1 N sodium hydroxide (NaOH) in DI water was used for pH adjustment. 

Phosphate buffered saline tablets {PBS; 99.18%; Sigma} 

PBS, a biological buffer solution, was used for all kinetic assay reaction. One tablet 

was dissolved in 200 mL DI water to yield 10 mM phosphate buffer, pH 7.4, 140 mM 

NaCl, 3 mM KCl. 

Sodium chloride {NaCl; ≥ 99.5%; TCI (Tokyo Chemical Industry Co.)} 

Sodium chloride (NaCl) was used to prepare salt solution or other biological buffer. 
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3.1.2 Synthesis of Colloidal AuNPs 

Chloroauric acid trihydrate {HAuCl4·3H2O; 99.9% purity; Sigma–Aldrich} 

Chloroauric acid (HAuCl4) is the main compound for the synthesis of gold 

nanoparticles (AuNPs). 

Trisodium citrate dihydrate {Na3C6H5O7·2H2O; 98% purity; Showa} 

For the preparation of colloidal AuNPs, trisodium citrate (Na3C6H5O7) was mixed into 

HAuCl4 solution as a reductive reagent to reduce Au
3+

 to Au
0
. 

3.1.3 Immobilization of AuNPs on Silicon Wafer 

Hydrogen peroxide {H2O2; ≥30% purity; Merck} 

Hydrogen peroxide was mixed with sulfuric acid to form piranha solution which 

cleaned the silicon wafer surface. 

Sulfuric acid {H2SO4; 98% purity; Merck} 

Sulfuric acid was mixed with hydrogen peroxide (H2O2) in a 3:1 volume ratio to 

remove impurities on the surface of the oxidized silicon wafer. It should be noted that 

the cleaning solution is very corrosive and dangerous. We must handle it with 

carefulness and patience. 

Dimethyl sulfoxide {DMSO; TCI} 

It was a solvent for dissolving many hydrophobic organic compounds like 

3-mercaptopropyltrimethoxysilane (MPTMS) in the experiment of the immobilization 

of AuNPs on a silicon wafer. 

3-Mercaptopropyltrimethoxysilane {MPTMS; 99%; Sigma} 

MPTMS solution in DMSO was used to create a thiol functional surface of the silicon 

wafer for the immobilization of AuNPs on it. 

3.1.4 Activity Assay of Enzyme–AuNP Conjugated System 

Lipase (EC 3.1.1.3) from Candida rugosa {CRL; Sigma} 

CRL was immobilized on the surfaces of AuNPs, without any surface modification, 
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provided colloidal stability that allowed us to determine the coverage of enzyme onto 

the AuNPs and perform the kinetic experiments of the catalytic reaction. 

Propan-2-ol {IPA; 99.8%; TCI} 

It is an organic solvent for dissolving our substrate p-nitrophenyl palmitate (pNPP). 

p-Nitrophenyl palmitate {pNPP; Sigma} 

Using UV–Vis spectrophotometry, we detected the activities of the enzyme-catalyzed 

reaction by measuring the absorbance of p-nitrophenol (pNP), a hydrolysis product 

from pNPP, at 405 nm. Prior to using this reagent for the activity assay, the powder 

was dissolved in the propan-2-ol (IPA) solvent. 

Potassium cyanide {KCN; Showa} 

To quantify the enzyme loading on the AuNPs, KCN was used to oxidize the 

CRL–AuNP conjugates in order to liberate bound enzyme from the surfaces. 

 

3.2 Instruments 

Scanning Electron Microscopy (SEM; JEOL, JSM-6700) 

SEM is a very useful tool for observing surface morphology of specimen. SEM has 

secondary electrons or backscattered electrons detectors passing the signal to 

computer and forming image. In this study, AuNPs absorbed by certain functional 

groups modified on Si substrate were all characterized by a field-emission SEM  

operating at 20 kV accelerating voltage. 

UV–Vis Spectroscopy (HITACHI, U-3310) 

UV–Vis uses light in the range of near UV, visible and near infrared. The absorption 

in the light range is due to the optical properties of the chemicals involved. We 

determine the size of AuNPs and degree of AuNPs aggregation in the visible range of 
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400–800 nm. In protein quantification, it is necessary to observe the sulfonic acid 

derivative in the 300–500 nm by UV–Vis spectrometer. 

X-ray Photoelectron Spectroscopy (XPS) & Fourier Transform Infrared 

Spectroscopy (FTIR) 

To ensure that lipase can bind to the AuNPs, X-ray photoelectron spectroscopy (XPS) 

and fourier transform infrared spectroscopy (FTIR) were used to verify the attachment 

of the enzymes onto the surfaces of the AuNPs. 

 

3.3 Experimental Methods 

3.3.1 Synthesis and Characterization of Colloidal AuNPs 

Citrate-stabilized AuNPs in a variety of diameters were synthesized using the classical 

Turkevich/Frens procedure.
[86,87 ]

 Briefly, AuNPs of various sizes were prepared 

through the citrate-mediated reduction of chloroauric acid (See Figure 3.1). In this 

method, 40 mM HAuCl4·3H2O (250 L) was added to DI water (9.75 mL) and 

brought to a boil. Next, trisodium citrate dihydrate (38.8, 25.9, 16.9, 15.5, or 13.9 mM; 

1 mL) was added to the solution to produce differently sized AuNPs. Heating of the 

solution under reflux was continued until the color of the boiling solution changed 

from dark purple to purplish-red. After cooling to room temperature, colloidal AuNPs 

were formed in the solution, and filtered before use through a 0.45 m syringe filter 

(Millipore).
[88]

 To determine the concentration of each AuNP samples using UV–Vis 

spectroscopy, the molar extinction coefficients () of the AuNPs having mean 

diameters of 13.1, 25.2, 37.5, 50.8, and 69.6 nm were 2.47 × 10
8
 M

–1
 cm

–1
 at 518, 

1.22 × 10
9
 M

–1
 cm

–1
 at 522, 6.50 × 10

9
 M

–1
 cm

–1
 at 527, 1.63 × 10

10
 M

–1
 cm

–1
 at 531, 

and 4.20 × 10
10

 M
–1

 cm
–1

 at 536, respectively. Absorption spectra and scanning 

electron microscopy (SEM) images confirmed the sizes and shapes of these AuNPs. 
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During the synthesis process we had to put much emphasize on the experimental 

environment, including container cleaning process, adding reducing agent as soon as 

possible, and continuously stirring during the synthesis step to prevent aggregation 

and prevent changing the size uniformity. 

 

 

Figure 3.1 Schematic steps for the synthesis of differently sized gold nanoparticles. 

 

3.3.2 Immobilization and Observation of AuNPs on Silicon Wafer 

The corresponding process flow for the immobilization of AuNPs on silicon wafer 

was briefly illustrated in Figure 3.2. Prior to immobilization, the piece of oxidized 

silicon wafer was carefully cleaned in the piranha solution, H2SO4 and H2O2 (volume 

ratio is 3:1), twice, each time at above 85°C for 30 min. It should be noted that the 

cleaning solution is very corrosive and dangerous. After rinsing with DI water and 

drying, the sample was immersed into a 2% MPTMS solution in DMSO to proceed 

the silanization reaction for 40 min at room temperature to create a thiol functional 
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surface. Following the MPTMS treatment, the silicon wafer was washed with DMSO 

for several times and rinsed with DI water thoroughly. Then, the treated silicon wafer 

was baked at 120°C for 30 min to complete the Si–O bond formation. Each sample for 

SEM analysis was prepared by placing a few drops of the AuNP solution onto a 

silicon wafer modified with the MPTMS linker. The sample was rinsed with DI water 

for 10 min and then dried prior to viewing under the electron microscope. The SEM 

image was recorded using a JEOL JSM-6700F electron microscope operated at 20 kV. 

Particle size distribution of the AuNPs present in the SEM image, analyzed using a 

personal computer and Image-Pro Plus (IPP) software. 

 

Figure 3.2 Self-assembly steps for the immobilization of gold nanoparticles onto silicon oxide surface. 

 

3.3.3 Preparation of CRL–AuNP Conjugates 

Prior to labeling the AuNPs with the enzyme (CRL), all the Au colloids were purified 

through centrifugation (13,000 rpm, 20 min) and re-dispersion in DI water. To avoid 

salt-induced Au aggregation, the CRL solution was desalted using Vivaspin 500 

centrifugal concentrators, and then its concentration was determined by comparing the 

obtained absorbance (at 280 nm) with that of a standard curve prepared using known 

concentrations of CRL ( = 3.7 × 10
4
 M

–1
 cm

–1
 at 280 nm).

[89]
 In the experiment of 

determining the enzyme coverage, the different concentrations of desalted CRL was 

added to the solutions incorporating AuNPs of various sizes and then the mixtures 

were incubated for 10 min. After the addition of salt solution, we displayed the plots 

of changes in the time-dependent absorption ratio in the presence of varying 

concentration of CRL.  
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3.3.4 Activity Assay of Free and AuNP-Bound CRL Systems 

The reaction solution was prepared by mixing PBS solution (140 mM NaCl, 2.7 mM 

KCl, and 10 mM phosphate buffer; pH 7.4; 30°C; 1.3 mL), 0.5 mM pNPP in IPA (0.1 

mL), and various concentrations of the free or AuNP-bound CRL (0.1 mL).
[90] 

After 

mixing the catalytic substance with the reactants, the initial product release at the 

onset of the reaction was measured using a personal computer and a Hitachi 

UV–Vis-3310 enzyme reaction measurement system (a UV–Vis spectrophotometer 

possessing a temperature-controlled thermostatted cell holder; Hitachi, Tokyo, Japan). 

In the activity assays, the initial reaction of the change in absorbance at 405 nm was 

recorded (in real-time). The initial rate of the absorption change against the reaction 

time was converted to enzyme activity using a molar absorption coefficient of 14,100 

M
–1

 cm
–1

 for the product of p-nitrophenol (pNP). Figure 3.3 describes the hydrolysis 

reaction of pNPP catalyzed by CRL. 

 

 

Figure 3.3 CRL-catalyzed hydrolysis of pNPP. The product, pNP, which provided strong absorption at 

405 nm in the reaction solution, served as the reporter molecule for the progress of the 

enzyme-catalyzed reaction. 
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3.3.5 Michaelis–Menten Kinetics 

In the experiment of kinetic analysis, various concentrations of the substrate (5.55, 

8.33, 11.11, 16.67, 22.22, 33.33, 44.45, 66.67, 88.89, and 133.33 M) were dissolved 

in the reaction solutions. The free or AuNP-immobilized enzyme was added to the 

various concentrations of the substrate in the assay buffer as described above. The plot 

of the initial velocity of the production of pNP versus the pNPP concentration was 

fitted to a hyperbolic curve. The values of Km and Vmax were obtained through 

nonlinear regression analysis using SigmaPlot 2001 (v. 7.0) and Enzyme Kinetics 

Module (v. 1.1, SPSS, Chicago, IL USA) software.
[91]

 The assays were obtained in 

triplicate; average values were reported. All activity assay experiments were carried 

out at 30°C. 
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Chapter 4: An Enzymatic Kinetics Investigation 

into the Significantly Enhanced Activity through 

the Linker-Free Gold Nanoparticle Pathway 

 

4.1 Background 

Recent developments in nanomaterials offer a new pathway for controlling protein 

behavior through surface interactions.
[41,51,92]

 The field of nanoparticles (NPs) labeling 

of biomolecules is relatively new and rapidly developing.
[5,26,60]

 Gold nanoparticles 

(AuNPs), which have high affinity for biomolecules, have been used as 

biosensors,
[42,60] 

immunoassays,
[36]

 therapeutic agents,
[5]

 and gene and drug delivery 

agents;
[61]

 thus, the conjugation of AuNPs and biomolecules has become a major area 

of research for advancing the use of nanotechnology in biomedical applications.
[6,25,93] 

Indeed, proteins, enzymes, DNA, and oligonucleotides have all been immobilized on 

AuNPs; the physicochemical characteristics of these functionalized AuNPs have been 

investigated in a variety of academic studies.
[64–74,94]

 Several techniques have been 

used to immobilize enzymes on variety nanostructures in attempts to improve the 

enzymatic activity and stability.
[71–76,95,96]

 

In previous reports, catalytic activity of enzyme-functionalized AuNPs has been 

investigated with the surface modification of linkers.
[89,95,97]

 However, most of these 

kinetic investigations need steps such as modified biomolecules onto the AuNPs 

surface and separating the modified AuNPs from the unmodified AuNPs or surplus 

molecules. These steps, firstly, led to complication and relatively high cost of the 

experiments. In addition, long-time course (covalent bond) also led to activation lost 

of enzyme. What’s more, the target binding sites and conformational changes of the 
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enzyme after binding were not all known precisely, so labeling sites were not only 

difficult to design, but also could weaken the affinity between the reactant and the 

enzyme. Although some enzyme-functionalized AuNPs with modified linkers exhibit 

enhanced catalytic activity, which has been supposed to favorable conformational 

changes and electrostatic interactions,
[71–74]

 there have been no detailed studies aimed 

at quantifying the differences between the rate constants of AuNP-immobilized and 

free enzymes. Therefore, developing linker-free AuNPs kinetic assays to simplify the 

detection process would be important and attractive. To gain insight into the 

mechanisms of enzyme reaction in the presence of functionalized AuNPs, we have to 

perform suitable analytical methods and obtain kinetic data for the explanation of the 

catalytic behaviors. In this work, we have systematically investigated the interactions 

between the nanoparticle monolayer and the affected substrates by quantifying the 

kinetic parameters to understand the enhanced catalytic action of the 

enzyme-functionalized AuNPs without modified linkers (See Figure 4.1). We think 

that such fundamental research will be beneficial for the development of new 

nanobiotechnological applications. 

 

Figure 4.1 Schematic representation of the mechanism of catalysis of enzyme-functionalized AuNPs. 

Color scheme: AuNPs, gold; enzyme, green; first product, pink; second product, blue. 
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4.2 Results and Discussion 

 

4.2.1 Mechanism of the Catalytic Reaction by the AuNP-Bound 

Lipase 

Lipases are used industrially as detergent enzymes, in paper and food technology, in 

the preparation of specialty fats, and as biocatalysts for the synthesis of organic 

intermediates, and in various clinical studies and drug delivery. The kinetic model of 

lipases is based on the so-called ping–pong mechanism, which also applies to many 

other enzymes, such as glucose oxidase, horseradish peroxidase, and alkaline 

phosphatase.
[77]

 As a representative esterase, lipase is an excellent model for studying 

the enhanced activity of the AuNPs-bound enzymes because of its well-defined 

structure, properties, and applications. 

A linker-free AuNP-bound lipase was developed to study the kinetics of the 

immobilized enzyme. Our kinetic and structural studies led us to propose the 

mechanism depicted in Figure 4.2. There are four independent rate constants (k1, k2, k3, 

and k4) in this system.
[98]

 Initially, the substrate (S) is bound to the active site of the 

enzyme (E) with a rate constant k1, forming an intermediate complex (ES). Passing 

through the transition state, the ES complex is converted into the acyl enzyme (E
*
) 

with a rate constant k3, releasing the product (P), in this case pNP. The acyl bond is 

then cleaved, with a rate constant k4, upon nucleophilic attack, returning the enzyme 

to its initial state. 
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Figure 4.2 Mechanism of the catalytic reaction mediated by the enzyme-functionalized AuNPs. 

 

[E0] is the total enzyme concentration; the kinetic parameters kcat (turnover 

number), Km (apparent dissociation constant), and kcat/Km (apparent specificity 

constant) are defined as follows: 
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The rate constants in Figure 4.2 are related to the experimental values of Km and 

kcat through the following equations: 
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The value of Km for the kinetic studies represents the affinity of the enzyme 

toward the substrate; the rate-limiting step (kcat), which occurred prior to formation of 

the acyl enzyme intermediate, was determined by monitoring the product’s release.
[99]

 

 

4.2.2 Observation of AuNPs on Silicon Wafer 

The SEM image was recorded using a JEOL JSM-6700F electron microscope 

operated at 20 kV. The sample for SEM analysis was prepared by placing a few drops 

of the AuNPs solution onto a silicon wafer modified with the MPTMS linker as 

described in Section 3.3.2 (page 37 and 38). The sample was rinsed with DI water for 

10 min and then dried prior to viewing under the electron microscope. Figure 4.3a 

showed that the AuNPs were immobilized perfectly on the silicon oxide surface. The 

uniformity and the size distribution of AuNPs were both great. The average size of 

AuNPs was 13 ± 1 nm. Figure 4.3b was analyzed by the software named Image-Pro 

Plus (IPP), and the analysis region was the full SEM image. 
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Figure 4.3 a) SEM image of AuNPs immobilized onto a silicon dioxide surface through an MPTMS 

linker. b) Particle size distribution of the AuNPs present in the SEM image, analyzed using a personal 

computer and Image-Pro Plus software. 
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4.2.3 Determining the Immobilization of Enzyme Capped AuNPs 

on Silicon Wafer 

In this experiment, we dropped a few drops of the lipase solution onto a silicon wafer 

modified with the AuNPs (See Figure 4.4). Then, we washed the wafer with DI water 

and followed by nitrogen purge. Next, self-assembled monolayers (SAMs) of 

enzyme-functionalized AuNPs onto silicon wafer were characterized by X-ray 

photoelectron spectroscopy (XPS; VG Scientific Microlab F310) and fourier 

transform infrared spectroscopy (FTIR) spectra. 

 

 

Figure 4.4 Self-assembly steps for enzyme-functionalized capped gold nanoparticles onto silicon oxide 

surface. 

 

The XPS was used to verify the attachment of the enzymes onto the surfaces of 

the AuNPs. For the AuNPs modified with lipase, the marked peak indicates the 

presence of NH2 groups (N1s binding energy = 399.6 eV)
[100]

 under X-ray irradiation 

initiated by the photoelectrons and secondary electrons emitted from the surface (See 

Figure 4.5). The result is in agreement with the existing literature for proteins and 

enzymes bound to the surface of AuNPs without surface modification. The FTIR was 

also used to verify the attachment of proteins on the surface of the AuNPs. For AuNPs 

modified with lipase, the peaks at 1550 cm
–1

 indicate the presence of the primary 

amine on the nanoparticles surface
[101]

 (As shown in Figure 4.6). Broad band 3300 

cm
–1

 was an indication of the bonded NH or NH2 groups on the surface. These data 
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suggested that the surface of the gold nanoparticles was modified by nonspecific 

adsorption of proteins. The addition of a protein to gold colloid resulted in 

spontaneous adsorption on the surface of the NPs as a result of electrostatic, 

hydrophobic, and van der Waals interactions. 

 

 

Figure 4.5 XPS spectra of AuNPs measured in the presence (blue) and absence (red) of the enzyme on 

the silicon dioxide surface. 

 

 

Figure 4.6 FTIR spectra of enzyme capped gold nanoparticles on the silicon wafer. 
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4.2.4 Determining the Enzyme Coverage of AuNPs with Lipase 

As for any conjugation procedure, determining the enzyme coverage on the surface of 

the AuNPs and the optimal ratio of AuNPs to enzyme are important for activity assays. 

There is a simple method to discriminate between the aggregated and the 

nonaggregated AuNPs in aqueous solution, based on distinguishable color changes 

from red to blue upon aggregation.
[2]

 As shown in Figure 4.7a, the UV–Vis absorption 

spectrum of the AuNP solution (black trace) exhibited a strong surface plasmon 

resonance (SPR) at ca. 520 nm; adsorption of the enzyme onto the AuNPs caused a 

slight shift (green trace) in the SPR peak; previous studies showed proteins adsorbed 

onto AuNPs could cause similar shifts in the SPR.
[102]

 The gold colloids aggregated at 

a high concentration of electrolytes (salt) in the absence of a protecting coating layer 

(red trace; without enzyme). After adding salt solution (NaCl) to the enzyme-capped 

AuNPs, the absorption signal remained sharp (blue trace) and the solution retained the 

color of the enzyme-capped AuNPs (See Figure 4.7b). 
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Figure 4.7 a) Determining the degree of enzyme immobilization on non-aggregated AuNPs. UV–Vis 

absorption spectra of AuNPs in DI water (black), AuNPs in NaCl solution (red), enzyme-capped 

AuNPs in DI water (green), and enzyme-capped AuNPs after adding NaCl solution (blue). b) 

Photographic image of solutions of (A) AuNPs in DI water, (B) AuNPs in NaCl solution, (C) AuNPs 

capped with lipase in DI water, and (D) AuNP-bound lipase in DI water after adding NaCl solution. 

The variation in color allowed discrimination between the aggregated and non-aggregated AuNPs in 

aqueous solution; i.e., a distinguishable color change from red (A, C, and D) to blue (B) occurred upon 

aggregation. 



 

51 

As shown in Figure 4.8, by exploiting interactions between the AuNPs and lipase, 

color changes of the AuNPs could sensitively differentiate the concentration used of 

enzyme after titrating with the salt solution. We monitored the stability of the AuNPs 

solution by its color or by the absorbance spectra. If the enzyme did not cap the gold 

nanoparticles completely, we obtained spectra exhibiting aggregation of AuNPs. As 

long as the colloid continued to turn blue, and thus formed gold aggregates, with 

addition of electrolyte, the amount of enzyme added is not sufficient to stabilize the 

suspension (A, B, C, and D traces). When the concentration of enzyme added was 

enough to stabilize the colloid, the solution no longer changed color and the 

absorbance spectra exhibited a strong surface plasmon resonance (SPR) at ca. 520 nm 

(E and F traces).
[101,103]
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Figure 4.8 a) The diagram of determining the optimal immobilization of lipase-functionalized on gold 

nanoparticles. Variation in b) photographic image and c) UV–Vis absorbance spectra of the AuNPs (2.2 

nM) at different concentrations of enzyme after adding NaCl solution. 
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As shown in Figure 4.9, once the salt was added, the time-dependent absorption 

ratio (A620/A520) values of solutions with insufficient enzyme displayed an 

increasing, which illustrated that the AuNPs/lipase system gradually lost the stability 

protected by enzyme. On the other hand, the sufficient enzyme could stabilize the 

gold nanoparticles in the presence of a given high concentration of salt. The 

destabilization trend was directly related to the amount of lipase present in this assay; 

that is, the absorbance ratio of the AuNP solutions increased in the presence of lesser 

amounts of enzyme, revealing that the system of suspended AuNPs gradually lost its 

stability without protection by lipase. We just made use of this property to determine 

the coverage of the particles with the enzyme and the optimal ratio of AuNPs to 

enzyme.
[104,105]

 

 

 

Figure 4.9 Plots of changes in the time-dependent absorption ratio (A620/A520) in the presence of 

varying concentration of lipase 1) 93.75 x 10–9 M, 2) 18.75 x 10–8 M, 3) 22.5 x 10–8 M, 4) 30 x 10–8 M, 

5) 37.5 x 10–8 M, 6) 0.45 x 10–6 M, 7) 0.75 x 10–6 M, 8) 1.5 x 10–6 M, 9) 2.4 x 10–6 M after the addition 

of salt solution. 
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For the determination of enzyme coverage on AuNPs, lipase was added to a 

solution of 13 ± 1 nm AuNPs. After the addition of salt solution, we displayed the 

plots of changes in the time-dependent absorption ratio (A620/A520) in the presence 

of varying concentration of lipase. Figure 4.10 displayed a plot for the reciprocal of 

the ratio of 1.3 mL AuNPs stabilized by the different lipase concentrations after the 

addition of salt (0.1 mL 10% NaCl solution). When the concentration of lipase added 

was enough to provide the stability protected for the AuNPs/lipase system, the value 

of ratio kept constant with time and was almost the same as the nonaggregated AuNPs. 

On the contrary, there was a significant decrease in the value of ratio with addition of 

insufficient enzyme. This result suggested that the coverage of the AuNPs can be 

defined by the ratio which was dependent on the concentration of lipase. 

 

 

Figure 4.10 Plot of the absorption ratio (A520/A620) in equilibrium versus the lipase concentration. 
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In an enzyme–NP conjugated system, the association between the binding sites 

of the NP and the enzyme can be described using the simple equilibrium expression: 

 

 

 

The reaction is characterized by an equilibrium constant, Ka: 

 

 

 

where 

P: binding site of NP; 

E: enzyme; 

PE: enzyme–NP binding; 

Ka: association constant; 

Kd: dissociation constant; 

Therefore, Kd = 1/Ka 

 

We define Y to be the fractional occupancy of the AuNPs binding sites: 

 

 

 

At Y = 0.5 (50% coverage), Kd = [E] = 0.37 μM. 
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Y versus the concentration of enzyme [E] = enzyme dissociation curve: 

 

Therefore, the degree of coverage can be determined as this hyperbolic curve. 

According to the observation, we obtained the dissociation constant Kd and the 

concentration of lipase that we used for kinetic assays can be up to 80% coverage of 

enzyme onto the AuNPs. The concentration of enzyme [E] that we prepared for 

kinetic assays is 1.5 μM. 

We used the system of the direct binding onto AuNPs without surface 

modification for avoiding the congregation issue and determining the enzyme 

coverage. This linker-free approach has not been reported previously. The formation 

of lipase–AuNP conjugates has been optimized with regard to its colloidal stability 

and retention of activity for the purpose of activity assays. 
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4.2.5 Activity Assays of the Free and AuNPs-Bound Lipase 

In the activity assays, we dissolve p-nitrophenyl palmitate (pNPP) in isopropyl 

alcohol solution, and then mix the reactants in reaction buffer. We measured the 

activities of the free and immobilized enzymes by monitoring (at 405 nm; Figure 

4.11a) the initial velocity of p-nitrophenol (pNP) production from p-nitrophenyl 

palmitate (pNPP) at various concentrations of the enzyme solutions in 

l-cm-pathlength cuvettes and the changes in absorbance were recorded as a function 

of the reaction time. In Figure 4.11b, we observed that the initial release of pNP was 

proportional to the concentrations of both the free and bound enzymes—with a 

significant increase in the catalytic activity of the enzyme-capped AuNPs. According 

to the enzyme kinetics equations, an enzyme assay must be designed so that the 

observed activity is directly proportional to the enzyme concentration; our results 

suggested that this catalytic assay and analytical method obeyed the basic rule. 

 

 

Figure 4.11 a) Product (pNP) formation over time in the catalytic reactions of various concentrations of 

AuNP-bound (solid) and free lipase (hollow) solutions monitored at 405 nm. b) Initial velocities of 

pNP from pNPP plotted as a function of the concentration of the free enzyme (●) and the 

enzyme-capped AuNPs (○). 
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4.2.6 Effect of AuNPs Concentration on Catalytic Activity 

To optimize the supreme efficiency of enhanced catalytic activity, the ratios of AuNPs 

to enzyme were studies under fixed enzyme and substrate concentration. Figure 4.12 

showed the quantitative relationship between the production rate change at 405 nm 

and the different concentrations of gold nanoparticles. The non-aggregated 

enzyme–AuNP complex mixed with assay buffer showed an increase in the 

absorbance. Moreover, the largest change in reaction rate, which was regarded as 

optimal condition from dispersed to fully aggregated nanoparticles, was observed 

when the concentration of AuNPs was approximately 2.2 nM in common with 

condition E in Figure 4.8c. It is noted that there was a significant increase in the rate 

of production with addition of AuNPs as compared to the control reaction with no 

AuNPs. Each increase in concentration of 25% resulted in an increase in reaction rate 

by about 0.14 μM s
–1

, thereby demonstrating the ability of the AuNPs to act as a 

factor for enhancing activity. Over optimal condition, reaction rate decreased because 

the redundant AuNPs aggregated without sufficient coverage, and this phenomenon 

can be confirmed by the shifted peak of the absorbance spectra. Therefore, it was 

estimated that catalytic activity can be manipulated by the ratios of AuNPs to enzyme. 

 

Figure 4.12 Initial rate of pNP production versus the concentration of AuNPs. Conditions : pH 7.4, 

30°C, [enzyme] = 100 nM, [substrate] = 22.22 μM. 
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Since the surface modification of linkers protected the AuNPs from aggregation, 

it would be perplexed to determine the enzyme coverage and the optimal ratio of 

AuNPs to enzyme because less or much enzyme cannot be identified by salt titration. 

In our system, we use the same concentration of enzyme in the compared systems for 

ensuring that accurate parameters presented and then we can understand the 

mechanism of enhanced catalytic activity. However, we used this system (linker-free) 

of the direct binding onto AuNPs without surface modification for avoiding the 

congregation and determining the enzyme coverage with minimum unbound enzyme, 

allowing us to perform accurate analyses of the kinetics. 

 

4.2.7 Kinetic and Thermodynamic Investigations of 

Enzyme-Functionalized AuNPs 

We designed an accurate analysis of enzyme kinetics in order to understand the 

property of the significantly enhanced activity for enzyme-functionalized gold 

nanoparticles. Figure 4.13 displays Michaelis–Menten plots for the hydrolysis of 

pNPP (5.55–133.33 μM) by the free enzyme and enzyme-capped AuNPs at pH 7.4 

and 30°C. The value of the maximum velocity (Vmax) was the same in the absence and 

presence of the AuNPs, but the Michaelis constant (Km) was obviously smaller when 

using the lipase-capped AuNPs. According to the Michaelis–Menten equation, the 

values of Vmax can represent the values of kcat, which indicated that the degrees of 

product formation and release from the active site were identical in both systems 

when the concentration of the enzyme was the same. Therefore, the value of kcat of the 

bound enzyme was not significantly different from that of the free enzyme. We infer 

that the enzymes capped on the AuNPs retained their ability to perform nucleophilic 

attack via the formation of an acyl enzyme; i.e., the presence of the AuNPs had no 

influence on the release of product in the rate-limiting step. The values of the 
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Michaelis constant were 23.91 and 9.10 μM (p < 0.05) for the free and bound 

enzymes, respectively. A smaller value of Km represented a higher affinity of an 

enzyme toward a substrate; i.e., the presence of the AuNPs enhanced the selectivity of 

lipase toward the substrate. Because the binding of lipase on the surface of the AuNPs 

affected only the value of Km, the addition of the AuNPs was an efficacious means of 

tuning the enzyme–substrate association. The active site of an enzyme not only 

recognizes the substrate(s) to create an intermediate complex (ES) but also 

complemented and stabilized the transition state. The higher affinity of the substrate 

toward the enzyme-bound AuNPs resulted in a lower-energy transition state; indeed, 

the linear Arrhenius plots for the hydrolyses of pNPP mediated by the AuNP-bound 

and free enzymes at 25–50°C (Figure 4.14) provided activation energies of 5.9 and 

12.2 kJ mol
–1

, respectively. Thus, the enzymes immobilized onto the surfaces of the 

AuNPs exhibited higher catalytic activity through more ready formation of the ES 

complex and reduction of the activation energy. 
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Figure 4.13 Michaelis–Menten plots for the hydrolyses of pNPP mediated by the free enzyme (blue) 

and enzyme-capped AuNPs (red). 

 

 

 

Figure 4.14 Arrhenius plots of ln(absorbance) versus the reciprocal of absolute temperature for the free 

(blue, inset) and AuNP-bound (red) lipase. The activity was measured for reaction mixtures containing 

0.1 μM enzyme at pH 7.4. 
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4.3 Conclusions 

In summary, we have investigated the kinetics of the significantly enhanced activity in 

the presence of enzyme-functionalized AuNPs. The immobilization of lipase onto the 

nanoparticles’ surfaces, without any surface modification, provided colloidal stability 

that allowed us to determine the enzyme coverage on the surface of particles. Our 

analytical methodology involved defining the dissociation constant with respect to the 

appropriate conditions for conjugation; the lipase bound to the surface of NPs may 

lead to the formation of functionalized AuNPs under retention of enzymatic activity. 

Additionally, the efficiency of enhanced catalytic activity with colloidal stability has 

been optimized by regularizing the ratios of AuNPs to enzyme. The lipase capping the 

AuNPs catalyzed the hydrolysis of pNPP through the same kinetic model as that of 

the free enzyme, with the product’s release being the rate-limiting step (kcat), but with 

increased catalytic activity, as evidenced by lower values of the activation energy and 

Km. We ascribe this behavior to the enhanced substrate selectivity of the 

enzyme–AuNPs complex, thereby decreasing the activation energy through enhancing 

the rate constants leading to the formation of the ES complex. In biological systems, 

regulation of enzyme activity plays a central role in governing cell behavior.
[106]

 Our 

findings suggest that the ability of AuNPs to manipulate catalytic activity might 

become an important nanobiotechnological tool for optimizing clinical studies and 

improving drug delivery in the future. 
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Chapter 5: Size-Modulated Catalytic Activity of 

Enzyme–Nanoparticle Conjugates: A Combined 

Kinetic and Theoretical Study 

 

5.1 Background 

Many biomolecules, such as membrane proteins, perform their specific biorecognition 

or biocatalytic events while immobilized on the surfaces of cells or organelles.
[107,108] 

Several artificial technologies (e.g., bioconversion, bioremediation, biosensing) also 

take advantage of immobilized biomolecules and bio-species.
[109,110,111]

 In this regard, 

the modification and immobilization of enzymes has been studied widely for the 

generation of biocatalysts exhibiting modulated stability and selectivity.
[43,112,113]

 

Several synthetic scaffolds and supports, including gels,
[114,115]

 planar surfaces,
[116, 117]

 

carbon nanotubes,
[118,119 ]

 and nanocomposites,
[95]

 have been used to immobilize 

enzymes. Among them, nanoparticles (NPs) provide an almost ideal mix of 

properties—minimum diffusional limitation, maximum surface area, and high 

effective enzyme loading—to optimize the performance of immobilized enzymes
[41,120]

 

while harnessing the fluorescent,
[27,92]

 magnetic,
[97,121]

 and interfacial
[76,122]

 behavior 

of the resulting nanomaterials.
[6,24–26,123]

 

NPs of various dimensions, compositions, and surface modifications have been 

studied on their interactions with biomolecules.
[26,124,125,126]

 The main challenge often 

lies in understanding the interface between biological and non-biological materials on 

the nano-scale. The development of new tools for the controlled manipulation of such 

materials is clearly of great importance.
[13,14,127]

 Recently, some research efforts have 

been conducted to investigate the effects of gold NPs (AuNPs) on the modulation of 



 

64 

enzyme activity through surface interactions.
[51,71–74,123]

 In those studies, enzymes 

localized at the enhanced surface area exhibited improved activity because of the 

increased substrate concentration and also because they attained flexible 

conformations. AuNPs are excellent systems for modeling enzymes’ surfaces because 

they can be readily fabricated on size scales comparable with those of their 

biomolecular targets. Therefore, we were curious to study whether varying the 

dimensions of the AuNPs would affect their catalytic reaction behavior—in particular, 

the effects on the kinetics of their enzyme–NP conjugates. 

In the last chapter, we proposed an analytical scheme and demonstrated that 

adsorbing by means of linker-free assembly of lipase onto AuNPs significantly 

increased its enzymatic activity. This phenomenon may have great potential for 

development into a simple method for tuning the rate of enzymatic reactions by 

varying the conditions for forming enzyme–NP conjugates.
[ 128 ]

 In further 

investigations, we observed that the size of the NPs affected the catalytic activity of 

this conjugated system; based on a diffusion–collision theory,
[ 129 , 130 ]

 we have 

attempted to develop a length scale–dependent model to explain the catalytic behavior. 

In nature, controllable modulation of enzyme activity is a potent means of regulating 

several cellular processes (e.g., signal transduction, biosynthesis, metabolism);
[106]

 in 

man-made systems, enhanced or altered enzyme activity finds potential application in 

a number of enzyme-related technologies: enzyme-coupled biosensing, lab-on-a-chip 

platforms, hybrid (biotic–abiotic) nanomaterials, and novel enzyme-based 

devices.
[6,24–29,131,132,133]

 The modulating of biocatalytic behavior is an attractive 

feature for exploitation in the field of nanobiotechnology. For extended studies of 

biocatalysis, lipases are very suitable esterases because of their well-defined structures, 

properties, and applications. Lipases are used industrially in detergents, in paper and 

food technology, in the preparation of specialty fats, in various clinical studies, and 
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for drug delivery.
[77]

 Notably, these hydrolytic enzymes are insensitive toward 

non-aqueous solvents, have a fairly broad tolerance of pH and temperature, and, most 

importantly, exhibit high chemoselectivity.
[95,112]

 Therefore, in this study we selected 

Candida rugosa lipase (CRL, E.C. 3.1.1.3) to construct our enzyme–NP conjugates. 

As illustrated schematically in Figure 5.1, from analysis of the effect of AuNP 

size on the modulated activity of CRL–AuNP conjugates, we have developed a 

shielding model that is consistent with the experimental results of kinetic investigation. 

This size-effect model provides physical meaning and reasonably explains the kinetic 

response of this enzyme–nanoparticle conjugate system, leading to the observed 

substrate specificities and catalytic constants. Understanding the fundamental origins 

of length scale–dependent catalytic behavior is of paramount importance because 

these properties directly influence the interactions of nanostructures with biological 

molecules—in particular, in nanoparticle-based platforms for biomolecular surface 

recognition. 

 

 

Figure 5.1 Schematic representation of the preparation of CRL–AuNP conjugates that modulate the 

activity of the enzyme, and a cartoon of the shielding model. 
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5.2 Results and Discussion 

5.2.1 Particle Size Distribution and Mean Diameter of AuNPs 

We selected AuNPs as the adsorption materials for enzyme (CRL) in this study 

because they can be synthesized in a variety of diameters (13–100 nm) and readily 

characterized using electron microscopy and UV–Vis spectrophotometry. We used the 

Turkevich/Frens process to synthesize AuNPs because of the aqueous phase reaction 

for environmental moderate and the ability of controlling AuNPs sizes by using 

different concentrations of trisodium citrate. In order to obtain differently sized 

AuNPs, we used five concentrations of trisodium citrate for AuNPs synthesis and the 

conditions were listed in Table 5.1. These AuNPs were free from aggregation as 

determined by scanning electron microscopy (SEM) and absorption spectra. Figure 

5.2 showed the various AuNPs in UV−Vis absorption spectra. While the 

concentration of trisodium citrate decreased, the maximum absorbance of wavelength 

had shifted due to the different sizes of AuNPs. The function of trisodium citrate was 

not only a reduction but also a stabilized reagent in this reaction. Complete reduction 

of HAuCl4 could not achieve because citrate ions stabilized AuNPs while the AuNPs 

formation at high concentration of trisodium citrate. Citrate ions prevented larger 

particles from formation with the increasing concentration of trisodium citrate. As a 

result, the smaller diameter of AuNPs was obtained under the higher concentration of 

trisodium citrate. The maximum absorbance of AuNPs was 518, 522, 527, 531 and 

536 nm for the concentration of trisodium citrate from 38.8, 25.9, 16.9, 15.5 and 13.9 

mM, respectively. 
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Table 5.1 Various concentrations of trisodium citrate (1 mL) added to HAuCl4 solution (10 mL) and the 

maximum absorbance related with the differently sized AuNPs 

          

AuNPs 

Diameter (nm)  

Concentration of Trisodium 

Citrate (mM)  

Maximum Absorbance of 

Uv−Vis (nm) 

13.1 
 

38.8 
 

518 

25.2 
 

25.9 
 

522 

37.5 
 

16.9 
 

527 

50.8 
 

15.5 
 

531 

69.6   13.9   536 

 

 

 

 

Figure 5.2 UV−Vis spectrum of aqueous AuNPs with the diameters of 13.1, 25.2, 37.5, 50.8 and 69.6 

nm. 
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In Figure 5.3, AuNPs of various sizes were examined by using SEM. These SEM 

images were recorded using a JEOL JSM-6700F electron microscope operated at 20 

kV. The samples were prepared by silicon substrates modified MPTMS which 

contained thiol group to modify AuNPs efficiently as described in Section 3.3.2 (page 

37 and 38). The sample was rinsed with DI water for 10 min and then dried prior to 

viewing under the electron microscope. The particle size distributions of AuNPs were 

determined by analyzing the SEM images in Figure 5.3; the results of this analysis 

with AuNPs having mean diameters of 13.1, 25.2, 37.5, 50.8, and 69.6 nm were 

displayed in Figure 5.4. 

 

Figure 5.3 SEM images (JEOL JSM-6700F electron microscope operated at 20 kV) of AuNPs with 

mean diameters of (a) 13.1, (b) 25.2, (c) 37.5, (d) 50.8, and (e) 69.6 nm. 
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Figure 5.4 SEM images and particle size distributions of AuNPs with mean diameters (Dmean) of (a) 

13.1, (b) 25.2, (c) 37.5, (d) 50.8, and (e) 69.6 nm. Scale bar: 100 nm. 

 

5.2.2 Apparent Dissociation Constant and Enzyme 

Coverage—Analysis and Definition 

For the preparation of enzyme-functionalized AuNPs with their colloidal stability, we 

performed the salt-induced colloidal tests to analyze the enzyme coverage and 

apparent dissociation constants (K*d; See Section 4.2.4; page 49–56), determined by 

measuring the ratios of the absorbance at 620 nm (A620) to those of the absorption 

signals (Apeak) of the differently sized AuNPs; Figure 5.5 displays these progress plots. 

For the experiment to determine the apparent association constant (K*d), various 

concentrations of CRL were added into the colloidal Au solutions
[105]

 (1.2 OD of each 

set of AuNPs; the concentrations were 48.67, 9.81, 1.85, 0.74, and 0.29 × 10
–10 

M for 

AuNPs having mean sizes of 13.1, 25.2, 37.5, 50.8, and 69.6 nm, respectively). After 

addition of salt solution (0.1 mL of 10% NaCl into 1.2 mL of the sample solution), the 

changes in the time-dependent absorption ratio (A620/Apeak) of the absorbance at 620 

nm with respect to the absorption signal of the AuNPs were plotted in the presence of 

varying concentrations of CRL. As long as the colloid continued to turn blue, and thus 
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formed salt-induced Au aggregates with a higher ratio (A620/Apeak), the amount of 

enzyme added was insufficient to stabilize the suspension. When the concentration of 

enzyme added was sufficient to stabilize the colloid, the solution no longer changed 

color and the ratio remained constant over time. 

 

 

Figure 5.5 Progress curves of the changes in absorption ratios A620/Apeak, plotted with respect to time in 

the presence of various concentrations of CRL, after titrating with salt solution. The values of Apeak of 

the CRL–AuNP conjugates (UV–Vis spectroscopy) incorporating AuNPs having mean diameters of a) 

13.1, b) 25.2, c) 37.5, d) 50.8, and e) 69.6 nm were 520, 524, 530, 534, and 540 nm, respectively. 
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To analyze the enzyme coverage, we define R as the ratio Apeak/A620. When the 

enzyme concentration was sufficient to cap the AuNPs completely, R remained 

constant over time (i.e., no aggregation). In contrast, significant decreases in R 

occurred (i.e., aggregation) when the enzyme content was insufficient. We define the 

coverage as the ratio (R – Rmin)/(Rmax – Rmin), where Rmax and Rmin are the ratios 

(Apeak/A620) in the presence of sufficient enzyme to provide colloidal stability and in 

the absence of enzyme (i.e., fully aggregated), respectively. Figure 5.6 reveals the 

quantitative relationship between the percentage coverage of the gold nanoparticles of 

various sizes and the CRL concentration; the values of K*d are determined at 50% 

coverage. 

 

 

Figure 5.6 Coverages of the differently sized AuNPs plotted with respect to the CRL concentration. 

Color scheme: red, green, blue, light blue, and pink represent AuNPs having mean diameters of 13.1, 

25.2, 37.5, 50.8, and 69.6 nm, respectively. 
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5.2.3 Preparation of CRL–AuNP Conjugates 

For the preparation of CRL–AuNP conjugates, sufficient concentrations of CRL 

(10-fold K*d of each set of CRL–AuNP complexes; over 90% enzyme coverage) were 

mixed with the AuNP solutions of various sizes to ensure colloidal stability. To 

remove excess enzyme, the CRL–AuNP conjugates were washed repeatedly through 

centrifugation (20 min at 13,000 rpm), removal of supernatant and re-dispersion in 

PBS solution (140 mM NaCl, 2.7 mM KCl, and 10 mM phosphate buffer; pH 7.4). To 

assure that all unbound CRL was removed from the colloidal suspensions, activity 

tests were performed on the supernatants from the centrifugation/washing procedure 

(attachment assay). Table 5.2 shows the drop in activity to zero as the conjugates are 

repeatedly cleaned. This procedure was repeated six times until no activity was 

measured to ensure the absence of free CRL in the systems. Then, the CRL–AuNP 

conjugates of various sizes were stored in the buffer solution for the quantification 

and activity assay (See Figure 5.7 and Figure 5.8a–c). 

 

Table 5.2 Supernatant activity testsa during removal of unbound CRL from AuNP samples (mean sizes: 

13.1, 25.2, 37.5, 50.8, and 69.6 nm, respectively) using centrifugation 

13.1 nm 25.2 nm 37.5 nm 50.8 nm 69.6 nm

supernatant 1 2.0033 ± 0.0094 1.4827 ± 0.0070 0.5603 ± 0.0079 0.3466 ± 0.0054 0.1868 ± 0.0036

supernatant 2 0.6416 ± 0.0110 0.4775 ± 0.0092 0.1849 ± 0.0059 0.1177 ± 0.0051 0.0704 ± 0.0022

supernatant 3 0.1187 ± 0.0054 0.0861 ± 0.0030 0.0686 ± 0.0030 0.0374 ± 0.0022 0.0099 ± 0.0014

supernatant 4 0.0402 ± 0.0022 0.0161 ± 0.0016 0.0085 ± 0.0014 0.0000 ± 0.0000 0.0000 ± 0.0000

supernatant 5 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000

supernatant 6 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000

blank 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000 0.0000 ± 0.0000

sample
activity (M s-1)b

 

aConditions: the reaction buffer was prepared by mixing PBS solution (140 mM NaCl, 2.7 mM KCl, 

and 10 mM phosphate buffer; pH 7.4; 1.3 mL), 2 mM substrate (pNPP) in IPA (0.1 mL), and 

supernatants (0.1 mL) from the centrifugation/washing procedure or DI water (0.1 mL) for blank. The 

activity assay experiments were carried out at 30°C. 

bThe initial rate of the change in absorbance at 405 nm is converted to activity (M s–1) using the molar 

absorption coefficient of 14,100 M
–1

 cm
–1

 for the product of p-nitrophenol (pNP) in this assay. 
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Figure 5.7 Schematic representation of the experimental process for the preparation of CRL–AuNP 

conjugates. 

 

 

Figure 5.8 Photographic image of the preparation of CRL–AuNP conjugates featuring AuNP sizes 

varying from 13.1 to 69.6 nm (as shown from left to right in each image). AuNPs with CRL (a) before 

and (b) after centrifugation, (c) CRL–AuNP conjugates were washed repeatedly and re-dispersion in 

PBS solution, (d) CRL–AuNP conjugates with KCN, and (e) CRL–AuNP conjugates with IPA. 
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To detect the CRL loading on the AuNPs of various sizes, the CRL–AuNP 

conjugates were oxidized with 0.04 M potassium cyanide (KCN) for 60 min in order 

to liberate bound proteins from the surfaces
[134,135]

 (See Figure 5.8d), and the free 

enzyme of the solutions were quantified. To remove the reaction buffer of KCN, these 

solutions were centrifuged at 12,000 rpm for 10 min using Vivaspin 500 centrifugal 

concentrators, and then their concentrations were determined by the measurement of 

absorbance at 280 nm with that of a standard curve prepared using known 

concentrations of CRL ( = 3.7 × 10
4
 M

–1
 cm

–1
 at 280 nm). For AuNPs having mean 

sizes of 13.1, 25.2, 37.5, 50.8, and 69.6 nm, the enzyme concentrations were 104.3 ± 

3.2, 61.7 ± 0.8, 16.5 ± 0.6, 11.0 ± 0.1, and 6.8 ± 0.1 nM, respectively. These values 

were reported for the activity assays of various CRL–AuNP conjugate systems. 

The coverage of each particle size could be calculated by dividing the number of 

CRL per particle by the surface area (see the Table 5.3 as shown below). From these 

data, the number of proteins per particle for the larger AuNPs had higher values. 

When varying the AuNPs’ dimensions, the values of coverage displayed a decreasing 

trend in the presence of larger AuNP size. This phenomenon was ascribed to the effect 

of surface curvature of the NPs. However, the most important issue was that these 

observations suggested the CRL can bind to the surface of NPs for the formation of 

CRL–AuNP conjugates after the centrifugation procedure. 

 

Table 5.3 Average values for the number of proteins per particle and surface density (coverage) for 

each particle size 

AuNP Size

(nm)
proteins/particle coverage (proteins/cm

2
)

13.1 5 9.9 × 10
11

 ± 3.1 × 10
10

25.2 15 7.9 × 10
11

 ± 1.0 × 10
10

37.5 22 5.1 × 10
11

 ± 1.8 × 10
10

50.8 37 4.6 × 10
11

 ± 0.4 × 10
10

69.6 59 3.9 × 10
11

 ± 0.6 × 10
10
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5.2.4 Activity Assay of CRL–AuNP Conjugated Systems 

Based on the specific behavior of lipases as interfacial catalysts, our preliminary 

experiments for only 13 ± 1 nm AuNPs revealed that the catalytic activity of CRL 

could be enhanced when used in the form of CRL–AuNPs. In this work, to examine 

how the apparent enzymatic activity of CRL changed with respect to the AuNP sizes, 

we performed assays with the CRL–AuNP conjugates prepared using five differently 

sized sets of AuNPs. We performed the experiments by mixing a solution of substrate 

p-nitrophenyl palmitate (pNPP) in propan-2-ol (IPA) with the other reactants in the 

reaction buffer.
[90]

 To ensure the stability of AuNPs in IPA for the activity assays, we 

monitored the colloid solution in terms of its color and examine the absorbance 

spectra (See Figure 5.9). The red line in the spectrum demonstrated that the condition 

of AuNPs in IPA still retained the colloidal stability. After the addition of NaCl 

solution, the Au colloids aggregated (blue line). These observations suggested that this 

condition (AuNPs in IPA) did not induce the aggregation of AuNPs (with colloidal 

stability). These observations suggested that this condition did not induce the 

aggregation of AuNPs (with colloidal stability), allowing us to perform the activity 

analyses. 

 

  

Figure 5.9 Photographic images and absorbance spectra of AuNP solutions in different conditions. The 

AuNP sizes varying from 1 to 5 had the values of absorption peak (peak) of (a) 518, (b) 522, (c) 527, (d) 

531, and (e) 536 nm, respectively. 
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Using UV–Vis spectrophotometry, we detected the activities of the CRL–AuNP 

conjugates by measuring the absorbance of p-nitrophenol (pNP), a hydrolysis product 

from pNPP, at 405 nm. The formation of pNP was linearly dependent on the reaction 

time during the monitoring period. The initial reaction rate was, therefore, calculated 

from the slope of the absorption change against the reaction time, where the 

absorbance was converted to the corresponding concentration scale by using a molar 

absorption coefficient of 14,100 M
–1

 cm
–1

 for pNP. In Figure 5.10, we observed that 

the initial release of pNP (per enzyme concentration) was proportional to the reaction 

time of various CRL–AuNP conjugated systems; in the insert of relative activity, there 

was a significant increase in the catalytic activity in the system featuring the smaller 

NPs, revealing that the size of the AuNPs was an important factor for the modulation 

of enzyme activity. 

 

 

Figure 5.10 Initial release of pNP from pNPP, plotted as a function of the reaction time of various 

CRL–AuNP conjugated systems. Inset: Relative activity. Mean diameters of AuNPs: (a) 13.1, (b) 25.2, 

(c) 37.5, (d) 50.8, and (e) 69.6 nm. 
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5.2.5 Kinetic Investigation of CRL–AuNP Conjugates 

Activity assays were performed for the AuNPs of various sizes to verify the 

possibility of modulation to enzymatic activity. In the enzymatic kinetics experiment, 

Figure 5.11 provides the Michaelis–Menten plots for the hydrolysis of pNPP 

(5.55–133.33 M) catalyzed by the CRL–AuNP conjugates incorporating AuNPs of 

various average sizes. Although the turnover numbers kcat for the various-sized AuNPs 

were similar (in Figure 5.12, each curve converges to 18.6 ± 0.39 s
–1

), the Michaelis 

constants Km for the smaller AuNPs had lower values (See Table 5.4 as listed all 

catalytic parameters). 
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Figure 5.11 Michaelis–Menten plots for the hydrolyses of pNPP mediated by the various 

functionalized AuNPs. Insets: Initial rates (M s–1) listed with respect to the substrate concentration 

and the kinetic parameters (p < 0.05). 
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Figure 5.12 Michaelis–Menten plots for pNPP hydrolysis catalyzed by CRL–AuNP conjugates 

featuring AuNP sizes varying from 13.1 to 69.6 nm. Lines of best fit were obtained from the data using 

Enzyme Kinetics Module software. 

 

Table 5.4 Experiment-determined catalytic parameters of turnover numbers (kcat), Michaelis constants 

(Km), and specificity constants (kcat/Km) for the free CRL, the CRL–AuNP conjugates and planar 

surface–immobilized CRL systems 

AuNP Size     

(nm) 
  

kcat                   

(s
–1

) 

Km               

(M) 

kcat/Km               

(M
–1 

s
–1

) 

free enzyme   19.4 ± 0.89 23.3 ± 2.90 0.83 ± 0.14 

13.1   18.0 ± 0.56 9.5 ± 1.02 1.89 ± 0.26 

25.2   18.3 ± 0.26 14.1 ± 0.68 1.30 ± 0.08 

37.5   19.6 ± 0.43 15.7 ± 1.11 1.25 ± 0.12 

50.8   19.1 ± 0.30 17.1 ± 0.84 1.12 ± 0.07 

69.6   17.9 ± 0.38 18.1 ± 1.20 0.99 ± 0.09 

immibilized on a planar surface 

(NP size → ∞) 
  (18.6 ± 0.39)

a
 (22.6 ± 1.41)

b
 0.82 ± 0.07 

 

aAverage turnover numbers (kcat) for the reaction solutions of various CRL–AuNP conjugate systems. 

bData measured using the Lee–Yang approach from reference 117 (See the Appendix I; page 88–100). 
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The value of Km in the kinetic studies represents the affinity of the enzyme 

toward the substrate; the rate-limiting step (kcat) was determined by monitoring the 

product’s release. For the CRL–AuNP conjugates incorporating AuNPs having mean 

diameters of 13.1, 25.2, 37.5, 50.8, and 69.6 nm, the enzyme concentrations were 

104.3, 61.7, 16.5, 11.0, and 6.8 nM, respectively. Figure 5.13a revealed that the value 

of Vmax was proportional to the enzyme concentration. Thus, similar values of kcat 

were obtained for the various functionalized AuNPs (Vmax = kcat[E]). Therefore, the 

significant increase in the enzymatic activity in the presence of the smaller AuNPs 

was due to the lower values of Km (Figure 5.13b). 

 

 

Figure 5.13 Plots of the values of (a) Vmax with respect to the enzyme concentration in the presence of 

various CRL–AuNP conjugate systems and (b) Km with respect to the AuNP size. 

 

In Table 5.4, when varying the AuNPs’ dimensions, the values of Km displays an 

increasing trend in the presence of larger AuNP size, even under the extreme 

condition of AuNP size →  (the kinetics of the enzyme immobilized on one side of a 

planar surface could be effectively modeled and measured;
[117]

 See the Appendix I; 

page 88–100). In simple terms, the rate constants for the individual steps can be 

described in equation (eq) 1: 
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         (1) 

An obtained lower value of Km [(k–1 + kcat)/k1] represents greater kinetic affinity 

between the enzyme and the substrate; i.e., the conjugated system with the smaller 

AuNPs exhibited enhanced kinetic affinity, thereby improving the catalytic efficiency 

kcat/Km. This observation suggests the enzyme activity is tunable by suitable 

immobilization of corresponding size of nanoparticles. 

 

5.2.6 Collision Model with a Shielding Factor 

NPs with various dimensions, compositions, and surface modifications have been 

investigated, through kinetic analyses, for their interactions with enzymes.
[41,51,71–74,123]

 

The hydrophobic and surface interactions have been attributed as the major drivers 

behind enzyme–NP association. In contrast, far fewer efforts have been made to 

model the ―exterior‖ behavior of such conjugates—in particular, their interactions 

with other biomolecules. Our research, concerning the steric hindrance of a shielding 

factor, emphasizes the importance of such ―exterior‖ interactions on the catalytic 

behavior. 

To further correlate the NP dimensions (size effects) to the catalytic efficiency 

(kcat/Km) of the conjugated enzyme, we developed a shielding model based on 

diffusion–collision theory. We made the following assumptions: (i) the NPs, enzymes, 

and substrate molecules behaved as ―rigid balls‖ (See Figure 5.14); (ii) the 

immobilization of enzyme–NP conjugates was monolayer coverage; (iii) the intrinsic 

properties of the enzymes conjugated onto the differently sized NPs were similar; and 

(iv) the orientation of the active site of the enzyme–NP conjugates was random.
[129,130]

 

Considering a catalytic reaction between an enzyme ENP, bearing a spherical NP of 

size comparable to that of the enzyme (Figure 5.14b), and a corresponding substrate S 
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as a bimolecular reaction, the two molecules must first collide and then a product P is 

released, as indicated in eq 2. Here, the subscript ―NP‖ designates the enzyme–NP 

conjugate. The reaction rate  (M s
–1

) can be expressed as the product of the 

bimolecular rate constant k
coll

 (M
–1

 s
–1

) and the concentrations of the enzyme (CE) 

and substrate (CS), as indicated in eq 3. 

ENP + S → ENP + P (2)
 

= k
coll

CECS
 (3) 

The constant k
coll

 can be expressed as: 

k
coll

 = Z · p · e

)
act

(
RT

E


    (4)
 

where Z (M
–1

 s
–1

) is the frequency of collisions; p is the fraction of substrates that 

have the correct orientation; Eact is the activation energy; R is the gas constant; and T 

is the absolute temperature. Unlike free enzymes in solution, the enzyme–NP 

conjugates impart extra steric hindrance of interest. We define a shielding factor  as 

the solid-angle fraction of the enzyme surface open to the substrate; the open 

solid-angle fraction  is depicted in Figure 5.14c. The eq 4 can be rewritten in the 

following form: 

)(
coll

NPE

act

e RT

E

ηpZk


    (5) 

The shielding region on the enzyme surface was defined as the region inside the 

cone having a solid angle of 4-, the surface of which was tangential to the NP 

surface and passed through the center of the enzyme. The shielding factor in eq 5 

was the ratio of the open solid angle , outside the cone, to the total solid angle (4) 

of an enzyme immobilized on the surface of a NP. Based on the diffusion–collision 

model derived in the following Section, the shielding effect described herein clearly 

involved hindrance in the diffusion direction on the long-range scale rather than in the 

collision direction on the short-range scale (mean-free-path level); the latter effect 
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should belong to p in eq 5. The open solid angle can be represented in integral form 

as follows (See Figure 5.14d): 


2

E

2

E dsin2

r

θθπr
π

θ cosθ  (6) 

Using Pythagoras’ theorem, the expression for can be further rearranged into: 





















ENP

ENPE )2(
1

rr

rrr
 (7) 

where rNP, rE (= 5.17 nm), and rS (= 0.5788 nm) are the radii of the NP, enzyme, and 

substrate, respectively (See the Appendix II and III). 

 
Figure 5.14 Geometric relationships between the substrate S, the enzyme E and the nanoparticle NP. 

(a) If the distance between the S and E was less than the sum of the radii of two bounding spheres, rE + 

rS, then a collision event occurred. (b) Concerning diffusion effects in a fluid, the effective radius of the 

enzyme–NP conjugate should increase to rNP + 2rE. (c) The solid-angle fraction exposed for 

collisions between the substrate and the enzyme. (d) Geometric relationships of the respective radii. 
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5.2.7 Diffusion–Collision Theory for Enzyme–NP Conjugates 

Assuming that the enzyme molecules were immobilized onto the NP supports in no 

preferred orientation, if the enzymes were stationary in the diffusion-controlled 

reaction, the flux of substrates to a single enzyme, ESJ , could be determined by 

integrating the number of substrates entering a sphere centered at the enzyme 

molecule, as indicated in Figure 5.14a. We integrate from contact (at SE rr  ) to 

infinity. 

r

N
DπrJ

d

d
4 S

S

2

ES   (8) 

 







S

SE 0

S2ES sd4
d

N

rr

NπD
r

r
J  (9) 

 

Thus, 

SSESES )(4 NrrDπJ   (10) 

where DE and DS, NE and NS represent the diffusion coefficients, and number 

concentrations (in molecules cm
–3

), respectively, each for the enzyme and the 

substrate, respectively. Based on a steady-state process, the flux ESJ  will be equal 

to the number of effective collisions per enzyme per second; this physical meaning of 

ESJ
 

is quite similar to that of the turnover number kcat for enzymes in enzymology. 

Because the enzymes immobilized onto the NPs were not stationary, we must use the 

relative diffusion coefficient, DE + DS, instead of DS in eq 10. The total rate of 

effective collision per cubic centimeter per second is, thus, 

 

SESESE ))((4 NNrrDDπZ'   (11) 

and the reaction rate can be re-expressed (in M s
–1

) as 
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Avo

SESESE

Avo

)((4000'1000
  '

N

NN)rrDDπ

N

Z
ν


  (12) 

Here, NAvo is Avogadro’s constant. Clearly, there is an assumption in eq 12 based on 

diffusion-controlled process: that the substrate concentration at the enzyme surface is 

zero; therefore, the reaction rate ’ in eq 12 is the diffusion-limited maximum rate for 

enzyme catalysis in the limiting case of eq 5 (i.e., → 1 and Eact = 0); thus, we note 

that CE = 1000NE/NAvo, and eq 3 can be represented for this maximum rate as eq 13. 

 























Avo

S

Avo

E
SE

10001000
  '

N

N

N

N
pZCCpZν  (13) 

Combining eqs 12 and 13, we can eliminate ’ to obtain the maximum frequency of 

effective collisions, Zp (in M
–1

 s
–1

): 

 

250

))(( SESEAvo rrDDNπ
pZ


  (14) 

Using the Stokes–Einstein equation, eq 15, the diffusion coefficients of the substrate 

and the enzyme in eq 14 can be related to their respective radii. 

 

μrπ

Tk
D

6

B
  (15) 

where kB is the Boltzmann constant and  is the solution viscosity. Furthermore, 

because the attachment of the enzymes to the NPs must significantly affect their 

diffusion rate, the effective radius of the enzyme must be increased to 

ENPNPE 2rrr   from rE, i.e., the radius of the enzyme–NP conjugate presented in 

Figure 5.14b. Substituting eq. 15 into eq. 14, we then obtain 

 

))(
11

(
1500

SE

sNPE

rr
rrμ

RT
Zp 



 (16) 
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Finally, concerning the shielding effect, we modified both the bimolecular 

collision model and the diffusion–collision model as above to describe the effect of 

the NP size on the catalysis of the enzyme–NP conjugate. For clarity, we define the 

group Zp as k
eff

max (the maximum frequency of effective collisions for the enzyme–NP 

conjugate system) to obtain as following summarizing set of equations: 

)(
eff

max

)(
coll

NPE

actact

ee RT

E

RT

E

ηkηpZk


 
 (17) 

))(
1

2

1
(

1500
SE

SENP

eff

max rr
rrrμ

RT
k 


  (18) 


















ENP

ENPE )2(
1

2

1

4 rr

rrr

π

Ω
η  (19) 

 

 

5.2.8 Effect of Nanoparticle Size on the Catalytic Activity: 

Theoretical Approach 

Substituting the viscosity, absolute temperature, and radii (rE = 5.17 nm; rS = 0.58 nm; 

evaluated in the Appendix II and III, respectively) into equations 17–19 gave the 

bimolecular rate constants coll

NPEk  listed in Table 5.5. For the AuNPs having average 

diameters in the range 13.1–69.6 nm, the theoretical rate constants coll

NPEk  and the 

experiment-determined catalytic efficiencies (or specificity constant) kcat/Km followed 

identical trends. In this model, when considering the extreme condition of rNP → , 

the theoretical rate constant becomes 39.3% (0.48/1.22) of that for the system having 

a mean AuNP size of 13.1 nm; this limit represents CRL molecules immobilized onto 

a planar surface. Compare to the measured catalytic efficiency in Table 5.4, the 

enzyme immobilized onto a planar surface is 43.4% (0.82/1.89) of that of the system 

featuring AuNPs having a mean size of 13.1 nm. This percentage change is fairly 
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consistent with the theoretical prediction. The enhanced activity by size-effect would 

theoretically converge to a finite maximum value when the AuNP size approaches 

zero. There are two factors that affect the rate constant in this size-effect model: the 

major one is shielding hindrance effect; the minor one is the change in diffusion 

coefficient. Within the model of classical enzymatic kinetics, the shielding factor 

mainly affects the rate constant k1, not k–1 or kcat in eq 1; that is, the steric hindrance 

affects only the binding path of the substrates, and not the desorption of the complex 

ENP·S. The experiment of kinetic analysis reveals that the values of kcat were almost 

independent of the AuNP size, whereas the values of Km correlated strongly with it. 

Thus, this size-effect model has physical meaning and reasonably explains the kinetic 

response of this enzyme–NP conjugate system. 

 

Table 5.5 Theoretical parametersa for the CRL–AuNP conjugates and planar surface–immobilized 

CRL systems 

AuNP Size               

(nm) 

               

(cP) 

keff
max         

(M–1 s–1) 

 exp(–Eact/RT) at 

303 K 

kcoll
E–NP        

(M–1 s–1) 

NP size → 0   (1.13 ± 0.017)b 15.56  1.00   1.37  

13.1  1.14 ± 0.016 15.11  0.91   1.22  

25.2  1.14 ± 0.012 14.97  0.85  0.0880 1.12  

37.5  1.14 ± 0.016 14.90  0.81  ± 0.0058 1.06  

50.8  1.12 ± 0.016 15.11  0.78   1.03  

69.6  1.13 ± 0.025 14.92  0.75   0.98  

immibilized on a planar 

surface (NP size → ∞) 

1.52 ± 0.021 10.95  0.50   0.48  

aThe maximum frequency of effective collisions (k
eff

max), shielding factor (), and bimolecular rate 

constant ( coll

NPEk ) were calculated in equations 17–19. 

bAverage viscosity () for the reaction solutions of various CRL–AuNP conjugate systems. 
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5.3 Conclusions 

In summary, we have performed a series of experiments to systematically analyze the 

modulated NP size–dependent enzymatic activities of CRL–AuNP conjugates, and 

have developed a shielding model to explain the correlation between the size effects 

and the kinetic responses. A simple and efficient method for the preparation of this 

functional conjugates, with colloidal stability, under retention of enzymatic activity 

has been reported. The association of CRL with the AuNPs did not influence the 

values of kcat, but the smaller AuNPs did promote the catalytic efficiency of CRL by 

increasing its kinetic affinity (i.e., lower Km values) toward the substrate pNPP. From 

a quantitative investigation of the enzymatic kinetics of CRL bound to AuNPs of 

well-defined sizes, we found that the sizes of these conjugates acted as a controllable 

and efficient factor for modulating the activity of the enzyme. We believe that as the 

integrative field of nanobiotechnology evolves, such studies of the fundamental 

interactions of nanostructures with biological systems will become, by necessity, more 

common. 
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AAppppeennddiixx 

 

I. AA  SSuurrffaaccee  LLiimmiitteedd  MMooddeell  ffoorr  tthhee  EEvvaalluuaattiioonn  ooff  

IImmmmoobbiilliizzeedd  EEnnzzyymmee  oonn  PPllaannaarr  SSuurrffaaccee 

In our previous study (C.-C. Lee, H.-P. Chiang, K.-L. Li, F.-H. Ko, C.-Y. Su, Y.-S. 

Yang, Anal. Chem. 2009, 81, 2737–2744),
[117]

 we found that the kinetics of the 

enzyme immobilized on the planar surface could be effectively modeled and 

measured. In this work, we followed the experimental process and theoretical model 

to calculate the kinetic values at this extreme condition. We provide the experimental 

details of the assay for the measurement of the kinetic parameters of immobilized 

enzyme on planar surface in this section. 

 

Experimental Section 

Cleaning and Silanization of Silicon Wafer. P-type Si(100) wafers (14–21 -cm, 

MEMC, MO, USA) with 15 cm diameter, on which 100 nm oxide layers were grown 

using wet oxidation with a gas mixture of hydrogen (8000 cm
3
/min) and oxygen 

(5000 cm
3
/min) at 978

o
C, were cut into 4×8 cm

2
 pieces of samples to serve as a 

supporting material for enzyme immobilization. Prior to immobilization, the piece of 

oxidized silicon wafer was carefully cleaned in the SPM (sulfuric–peroxide mixture), 

H2SO4 and H2O2 (volume ratio is 3:1), twice, each time at above 85
o
C for 30 min. It 

should be noted that the cleaning solution is very corrosive and dangerous. After 

rinsing with pure water and drying, the sample was immersed in the 

(3-aminopropyl)triethoxysilane (APTES, Sigma–Aldrich, MO, USA) solution to 

proceed the silanization reaction for 30 min at room temperature to create an 

amine-functional surface. The APTES solution was prepared by the following 
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procedures: (1) mixing pure water with acetone (volume ratio is 5:1), (2) adjusting the 

pH value of the above solvent to 3.5 by 1 M HCl, and (3) preparing the 5% APTES 

solution by diluting with above solvent. Following the APTES treatment, the silicon 

wafer was rinsed with pure water thoroughly. Ultrapure water (>18 Mcm at 25
o
C) 

was used throughout the experiments. Then, the treated silicon wafer was baked at 

120
o
C for 30 min to complete the Si–O bond formation. 

Reactor System and Enzyme Immobilization. The corresponding process flow for 

enzyme CRL is briefly illustrated in Figure A1a. The reactor composed two plates; 

the bottom plate was a silicon wafer on glass support, and the top plate, made of 

quartz, contained a tortuous fluidic guide on its surface. The fluidic channel used was 

72.6 cm long (L), 0.194 cm width (W), and 167 µm depth (H). 

Reactions involved in the surface modification and the immobilization of CRL 

are shown in Figure A1b. Prior to immobilization, the AuNPs were prepared in 

aqueous solution using the chemical reduction method. Aqueous solution of 10 mL 1 

mM HAuCl4 (HAuCl4∙3H2O, Sigma–Aldrich) and 1 mL 38.8 mM trisodium citrate 

dehydrate (Showa Chemical Co., Japan) were mixed, and then heated under reflux for 

15 min with vigorous stirring. The color of the solution gradually changed from 

yellow to purplish-red. After cooling to room temperature, colloidal AuNPs were 

formed in the solution, and then this AuNPs solution was used to rinse the modified 

surface of the sample for 15 min at room temperature. The surface was extensively 

rinsed with water immediately after removing from AuNPs colloid suspension, and 

dried with nitrogen gas. The enzyme (CRL; EC 3.1.1.3, Sigma–Aldrich; 1.5 M) 

solution prepared was dipped onto the AuNPs modified surface of the sample, and 

incubated for 10 min. Finally, the surface was immersed in water for 5 min and dried 

with nitrogen gas, and then the CRL-immobilized samples were stored at 4
o
C until 

enzyme activity assay. 
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Figure A1 Step-by-step and chemical procedures of enzyme immobilization. (a) Process flow showing 

the samples used and their preparation technique and (b) schematic diagram of the chemical linking 

method of enzymes CRL binding to the silica substrate. 

 

CRL Activity Assay. To create relative high and first-ordered substrate conditions, 

two different concentrations of substrate p-nitrophenyl palmitate (pNPP), 80 M and 

4 M, were used, respectively, for the immobilized CRL-catalyzed reaction; these 

conditions responded to 3.35 and 0.17 times the Km value of free CRL in 

homogeneous catalytic reaction, respectively. The assays were performed for 

immobilized CRL in mixtures as following volume ratio: 1.3 mL phosphate-buffered 

saline (PBS) buffer solution (tablets, 140 mM NaCl, 2.7 mM KCl, 10 mM Na2HPO4, 

1.8 mM KH2PO4, pH 7.4, Sigma–Aldrich); 0.5 mL propan-2-ol (IPA) containing 

pNPP at 1.2 mM and 0.06 mM for the relative high and first-ordered substrate 

conditions, respectively; and 0.1 mL DI water. 
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Detection MethodsFlow Rates and Absorption Measurements. Injection of the 

reaction mixtures into the reactor was controlled by automatic pumping system (KD 

Scientific, KDS260P) throughout the experiments and operated at desired flow rate; 

for CRL assay, the two sets were 0.5, 1, 2 min and 1, 2, 4 min for 80 M and 4 M 

pNPP substrate conditions, respectively. Prior to each set of injection, we used buffer 

to flush the reactor with space time = 0.25 min for 3.5 min in CRL assay. The output 

solution was directed into a quartz flow cell mounted in the UV–Vis 

spectrophotometer (Hitachi UV–Vis-3310, Tokyo, Japan) for pNP detection at 410 nm. 

The essential components of microfluidic-reactor instrument for kinetics analysis are 

shown as Figure A2. The molar extinction coefficients of pNP absorbance was 14,100 

M
–1

 cm
–1

 and 15,000 M
–1

 cm
–1

 for CRL assays at 80 M and 4 M pNPP, 

respectively. 
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Figure A2 CRL-catalyzed hydrolysis reaction and the associated setups of assay systems. (a) pNPP 

was used as substrate for CRL. The common product, pNP, which gives strong absorption at 410 nm in 

neutral or alkaline, served as the reporter molecule for the progress of the enzyme-catalyzed reaction. 

Schematic diagram of a typical microfluidic-reactor instrument for (b) the CRL assay system with 

enzyme-free (via bypass) as base line; the substrate S is pNPP, [S]o,H = 80 M, [S]o,L = 4 M. 
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Theoretical Considerations 

For the evaluation of immobilized enzyme on planar surface, it has been shown a 

microfluidic systema channel reactor, which combined plug flow approximation, 

Michaelis–Menten equation, and surface reaction limited condition, to model the 

kinetics of immobilized enzyme on one-side planar surface as eq (1). 
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          (1) 

where space time  is the time required to process the volume of reaction mixture in 

reactor, K*m is the Michaelis–Menten constant (mol dm
–3

) for immobilized enzymes 

on the planar surface, V*max is maximum reaction rate per unit surface area of catalyst 

(mol dm
–2

 min
–1

), H is the height of rectangular channel reactor,  is reaction 

conversion fraction at outlet of the channel, and [S]o is the substrate concentration at 

inlet of the channel; the subscript o and  refer to at the reaction times of an element 

of fluid in the channel t = 0 (at the inlet) and t =  (at the outlet), respectively; the 

superscript * corresponds to the apparent values for immobilized enzyme. Surface 

reaction limited condition means that diffusion is fast compared to surface reaction. 

To meet this requirement, the ratio of the reaction volume to the catalytic planar 

surface must be reduced. According to eq (1), theoretically, there should be several 

sets among these variants,, [S]o, and H, chosen to design an assay to extract the 

kinetic constants K*m and V*max. 

By using a series of variant flow rates (or space times), eq (1) could allow us to 

precisely predict the kinetics of immobilized enzyme at two different inlet 

concentrations of substrate. If the reaction conversion fraction,, is smaller than 

9.4%, and [S]o is higher than about 19Km, (here Km refers to the value of homogeneous 

enzymatic reaction because K*m evaluation has not yet been calculated,) i.e., the assay 
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condition refers to the pseudo-zero-ordered region of substrate dependency (or the 

saturating assay condition,) then eq (1) can be degenerated as follows: 
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where the subscript H of [S]o,H refers to high substrate concentration; the subscript 0 

of 0

*

max 
H

V
 refers to initial approximation without regard to K*m factor. Equation 

(2) provides us to determine the average 0

*

max 
H

V
 at a certain time using linear 

regression of the data sets  versus )
][

(
,HoS


, and the discrete determined values of 

0

*

max 
H

V
 at different times in experiment progress could be used to fit a decay curve 

concerning the issue of deactivation of immobilized enzyme; therefore the any 

simultaneous value of 0

*

max 
H

V
 can be determined in whole experiment progress. 

Following 
H

V *

max  determined as above, to increase the accuracy of K*m 

evaluation, eq (1) obviously also indicates that we should set up the testing condit ion 

with lower [S]o concentrations smaller than or equal to the Km value (determined in 

homogeneous catalytic reaction before K*m evaluation has not yet been calculated,) 

and higher conversion fractions s, as long as the output concentration of reporter is 

not beyond the limit of detection. Eq (1) can be arranged into the following eq (3): 
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       (3) 

where the subscript L of [S]o,L refers to low substrate concentration, the subscript 0 of  

0

*  mK  refers to an initial approximation. Applying linear regression of a set of 

space time s versus the corresponding measured data of conversion fraction s in eq 
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(3), the estimated value of 
0

*  mK  is the slope of this regression line. If the high 

substrate concentration used [S]o,H > 19
0

*  mK  can still be satisfied, i.e., it is kept 

under saturating substrate conditions in the whole channel reactor, then 0

*

max 
H

V
 

and 0

*  mK  determined by eq (2) and eq (3) respectively, will be good enough 

approximations. (The theoretical error will be smaller than 5.5%.) 

Nevertheless, the saturating substrate condition can’t always be achieved in some 

practical assays because of limit of substrate solubility, high-substrate inhibition, or 

cost concern. With the widespread availability of curve-fitting calculations from 

experiment data, if the highest available concentration of substrate is at least larger 

than 3Km (determined in homogeneous catalytic reaction,) which is located at the 

center of the transition region (r = 3/4Vmax) between the pseudo-first-ordered (r  

1/2Vmax) and the pseudo-zero-ordered (r  Vmax) in Michaelis–Menten plot, then 

accurate estimates of kinetics for immobilized enzymes can still be achieved. For this 

case, considering an iterative scheme, we can rearrange eq (1) as eq (4) and eq (5), 

and combine them to set up the following set of equations. 
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where r = 1, 2, 3, …, and 0

*  mK  obtained by eq (3) as the initial approximation 

for eq (4). For optimum estimations of 
H

V *

max  and *

mK , the detected values of s in 

eq (4) and eq (5) are based on two measurement conditionshigh inlet concentration 

of substrate, [S]o,H, and low inlet concentration of substrate, [S]o,L, respectively. In 
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brief, eq (4) is used to determine 
H

V *

max

 
values concerning *

mK  effect, which is 

approximated in eq (5) for r  1; eq (5) is then used to calculate *

mK  approximates 

using 
H

V *

max  values determined in eq (4). After successively finite computing, we will 

get converged values with required certain decimal places for r

*

max 
H

V
 

and r

*  mK , and these values are then the correct answer to satisfy eq (4) and eq (5). 

As mentioned above, this method will fail or gain a large deviation from true 

value of kinetics when the highest available concentration of substrate is far lower 

than saturation (i.e., ≤ 3Km). This constraint is similar to the limitations of 

Michaelis–Menten plot to estimate the kinetic value of homogeneous catalytic 

reaction. The strategy of measurement and calculation is briefly outlined as Scheme 

A1, and has been used to analyze the kinetics of immobilized CRL-catalyzed 

reactions. 
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Scheme A1 Flow chart of data processing. It demonstrates the scheme for solving eq (1) to determine 

the apparent kinetics of immobilized enzyme. 

 

Results and Discussion 

Enzymatic Activities of Surface-Immobilized CRL Measured by Corresponding 

Controls. Figure A3 shows the typical time course plots of the pNP absorbance at the 

reactor outlet, after subtracting blank controls, responses to high/low feed 

concentration of substrate with a series of space times s at 410 nm in CRL assays. 

The assay system, illustrated in Figure A2b, was set up with the respective blank 

controls (enzyme-free for CRL); the latter used a bypass stream to skip the reactor and 

go directly to the UV–Vis spectrophotometer. Because the absorbance of product pNP 

at high concentration of substrate pNPP (near the solubility limit) significantly 
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differed from that at low pNPP concentration, the bypass was an essential strategy to 

continuous-flow assay of surface-immobilized CRL in order to subtract accurate blank 

controls. We found the average background absorbance of 80 M pNPP at 410 nm 

was 0.1033 larger than that of 4 M pNPP. 

 

 

Figure A3 The typical progress curves of enzymatic assays for immobilized CRL. The absorbance of 

time courses was obtained after setting zero with no enzyme via a bypass in the CRL assay. The breaks 

in x-axis, progress time t, were due to bypass steps. 

 

Immobilized CRL Kinetics: Iterating Scheme to Determine V*max/H, 

Corresponding Deactivation Curve, and K*m. Due to solubility limit of substrate 

pNPP in the immobilized CRL assay, 80 M pNPP (about only 3.35 times the Km of 

free CRL) was used as the inlet condition of high substrate concentration [pNPP]o,H to 

obtain the initial approximations of < V*max/H >0, and the fitting curve of deactivation 

could be determined (as < V*max/H >0

 
=

te 007171.0758.1236.1   in Figure A4a) by eq 

(2). The < V*max/H >0 values at any time t determined by this decay curve, space time 

s = 1, 2, 4 min, and 4 M pNPP as the inlet condition of low substrate concentration 
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[pNPP]o,L were then used to obtain the initial approximation of < K*m >0 (= 16.21 M 

in Figure A4b) from eq (3). Because the [pNPP]o,H used was only about 4.9 times the 

< K*m >0, and apparently far from the criterion of pseudo-saturating condition (at least 

19 times the < K*m >0); it must further apply the route of iterative method, as shown 

in Scheme A1, to get more accurate approximations for V*max/H and K*m. Substituting 

the initial estimations (r = 0) into the set of iterating eqs (4) and (5), the converged 

results of immobilized CRL were calculated, through five successive approximations 

shown in Figure A4a and A4b, as follows: the deactivation curve 

H

V *

max =
te 007047.0226.2603.1   with R

2
 = 0.9854, the original V*max/H = 3.83 M/min 

(or V*max = 6.41×10
3
 s

–1 
m

–2
), and average K*m = 22.60  1.41 M in Figure A4c. 

 

(a)  

(b)  
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Figure A4 Plots of surface-immobilized CRL kinetic data. The typical plots (a) and (b) show the 

iterative fitting process operated by the set of eqs (4) and (5), respectively. (a) For the solubility limit of 

substrate pNPP in the CRL assay, the initial approximation <V*max/H>0 (open symbol) were still 

obtained from eq (2) by linear regression using [pNPP]o,H = 80 M, and fitted to the exponential decay 

curve (dash-dot-dot). Fitting curves r = 1–5 were corresponding to the five successive approximations 

of eq (4); the solid symbol means the converged value of V*max/H with four significant figures. In fact, 

the fitting curves r = 1 and r = 5 converged to one curve. (b) The open symbol and solid symbol 

represent the initial and the fifth approximations of eqs (3) and (5) by linear regression, respectively. 

The value of K*m of immobilized CRL has converged to 22.09 M with four significant figures after 

five successive approximation (r = 1–5). (c) The predicted K*m values, the slopes of regression lines 

fitting lines in eq (5), of immobilized CRL are the result of three set of independent experiment data (n 

= 1–3). 
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II. Dimension of the Enzyme CRL 

According to the Protein Data Base, the unit cell of crystallized Candida rugosa 

lipase, CRL (ID:1GZ7),
[136,137]

 has the following parameters: a = 6.115 nm, b = 9.114 

nm, c = 10.846 nm; = 90.78
o
, = 106.31

o
, = 86.91

o
 for chains: 4. One can roughly 

estimate the mean diameter D of the unit CRL (DCRL) as: 

 

 

 

Therefore, we obtained: 
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III. Dimension of the Substrate pNPP 

VA is the molal volume of solute at normal boiling point, in cm
3
/g. Table A1 lists the 

contributions for each of the constituent atoms; these values can be added together, 

with deducted specific ring corrections as per solute molecular formulae, to predict 

VA. 

Table A1 Atomic and structural diffusion volume increments[138,139] 

 

The molecular volume of pNPP may be evaluated by using values from Table A1 as 

follows: 

 

 

 

 

 

Therefore, we can calculate the diameter D of the substrate pNPP (DpNPP) as: 
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